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Abstract

Tannins are critical plant defense metabolites, enriched in bark and leaves,
that protect against microorganisms and insects by binding to and precipitating
proteins. Hydrolyzable tannins contain ester bonds which can be cleaved by
tannases—serine hydrolases containing so-called “cap” domains covering their
active sites. However, comprehensive insights into the biochemical properties
and structural diversity of tannases are limited, especially regarding their cap
domains. We here present a code pipeline for structure prediction-based hierar-
chical clustering to categorize the whole family of bacterial tannases, and have
used it to discover new types of cap domains and other structural insertions
among these enzymes. Subsequently, we used two recently identified tannases
from the gut/soil bacterium Clostridium butyricum as model systems to explore
the biochemical and structural properties of the cap domains of tannases. We
demonstrate using molecular dynamics and mutagenesis that the cap domain
covering the active site plays a major role in enzyme substrate preference, inhi-
bition, and activity—despite not directly interacting with smaller substrates.
The present work provides deeper knowledge into the mechanism, structural
dynamics, and diversity of tannases. The structure-based clustering approach
presents a new way of classifying any other enzyme family, and will be of rele-
vance for enzyme types where activity is influenced by variable loop or insert
regions appended to a core protein fold.

This is an open access article under the terms of the Creative Commons Attribution-NonCommercial-NoDerivs License, which permits use and distribution in any
medium, provided the original work is properly cited, the use is non-commercial and no modifications or adaptations are made.
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1 | INTRODUCTION

Tannins are a diverse class of secondary metabolites
which are highly abundant in certain plant tissues, such
as bark and leaves/needles. Tannins are an important
part of plants’ defense systems against microorganisms
and insects, as they can non-specifically precipitate pro-
teins or affect the attacker through oxidation after being
ingested (Appel 1993; Hagerman and Butler 1978; Salmi-
nen and Karonen 2011; Selvakumar et al. 2007). Tannins
are divided into four subgroups: gallotannins, ellagitan-
nins, condensed tannins, and complex tannins (Feng
et al. 2013). Of these, gallotannins and ellagitannins are
referred to as hydrolyzable tannins as they contain gal-
loyl moieties ester-bonded to various alcohols such as
glucose or catechins. The bark of both soft- and hard-
wood tree species important for forestry contain signifi-
cant levels of epigallocatechin gallate (EGCG) as well as
other hydrolysable tannins (Matthews et al. 1997; Salmi-
nen and Karonen 2011). EGCG is the main polyphenol
component of green tea and its antioxidative properties
have been proposed as an explanation for some of its
reported health benefits (Chacko et al. 2010; Mirza
et al. 2013; Osada et al. 2001), and it is also abundant in
cocoa (Cione et al. 2020) and wine (Monagas et al. 2005).

Microorganisms have evolved strategies to avoid the
inhibitory effects of tannins, and a wide variety of bacte-
ria from soil- or gut environments, as well as fungi,
encode putative tannases (tannin acyl hydrolases, EC
3.1.1.20), though only a few enzymes have been biochem-
ically or structurally characterized. Tannases are serine
hydrolases found within the o/p-hydrolase superfamily
and usually possess a Ser-His-Asp catalytic triad (Rau-
werdink and Kazlauskas 2015). Here, the serine, located
in a pentapeptide “nucleophilic elbow” motif, acts as
nucleophile, the histidine as a general acid and base, and
the carboxylic acid correctly positions the histidine and
reduces its charge (Ekici et al. 2008; Kossiakoff and Spen-
cer 1980). Hydrogen bonds between the hydroxyl groups
of the galloyl-containing substrate (Figure 1a) and (typi-
cally) Asp/Lys/Glu active site residues hold the substrate
in place for hydrolysis (Ren et al. 2013; Ristinmaa
et al. 2022). Tannases are highly divergent in protein
sequence and bacterial and fungal tannases are found in
separate families in the ESTHER database (Lenfant
et al. 2013). Bacterial tannases have been proposed to fall
into two subtypes within the family, A and B (de las

Rivas et al. 2019), where subtype A tannases are longer
(~600 residues), have signal peptides, and have the
expected catalytic triad acidic residue (Asp) replaced with
an amide (Asn). Subtype B tannases in contrast are
shorter (470-570 residues), usually lack a signal peptide,
and possess the canonical catalytic triad. This subtype
classification can be questioned, as there are multiple
proteins not cleanly falling into either subtype (de las
Rivas et al. 2019; Manchefio et al. 2020; Ristinmaa
et al. 2022). Furthermore, there are no detailed studies
examining the role of the putative catalytic amide residue
in subtype A tannases.

Despite their important biological role(s), less than
20 bacterial tannases have been studied biochemically,
though typically only employing a single substrate at a
single concentration—mainly methyl gallate, a model
substrate of relatively low natural abundance. There is
currently no structural information available on tannase
interactions with catechin substrates, and only few
reports on tannase-glucogallin (GG) interactions. This is
a noteworthy literature gap, as GG is an important inter-
mediate in the biosynthesis of many tannins, including
tannic acid and numerous catechin derivatives, and vari-
ably galloylated glucose moieties are found in plant bio-
mass (Dai et al. 2020; Niemetz and Gross 2001; Ristinmaa
et al. 2022). No significant differences in the biochemical
properties between the two proposed bacterial tannase
subgroups have yet been demonstrated (Jiménez
et al. 2014a; Jiménez et al. 2014b), and only three crystal
structures have been solved: TanLp from Lactiplantibacil-
lus plantarum (formerly Lactobacillus plantarum) (Ren
et al. 2013), TanBF,, from Fusobacterium nucleatum
(Manchenio et al. 2020), and CbTan2 from Clostridium
butyricum (Ristinmaa et al. 2022). A single solved eukary-
otic tannase structure, from the fungus Aspergillus niger,
has been solved, which revealed that fungal and bacterial
tannases are highly divergent in terms of sequence (Dong
et al. 2021).

Very little is known about how tannases bind larger
tannin substrates such as catechins. Tannases often pos-
sess a so-called cap domain (sometimes called a lid)—an
inserted region proximal to the active site between 6
and P7 of the o/p-hydrolase fold—which have not been
studied in any detail but may be involved in substrate
binding or regulation of substrate entry, as in other
enzyme classes such as lipases (Holmquist 2000; Khan
et al. 2017; Rauwerdink and Kazlauskas 2015). In
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FIGURE 1 (a) The general structure of gallotannin substrates, centered around the galloyl moiety (GA), and the hydrolysis reaction
catalyzed by tannases, with the ester bond cleaved indicated with a red arrow and wavy line. Right: Glc (glucose) and EGC

(epigallocatechin) moieties, with red R; showing linkages to the galloyl core. Tannic acid contains two linked galloyl moieties (ester bond to

3/5 position) attached to each glucose hydroxyl group. (b) Overall structure of ChTan1 (prediction) and 2 (crystal structure) (Ristinmaa

et al. 2022). The secondary structure cartoon is shown in purple for CbTan1 and green for ChTan2. In each, the cap domain that originates

from different sites in the two enzymes is shown in orange, a superimposed gallate is yellow (overlaid from the structure of TanLp, PDB:
4JOH) (Ren et al. 2013), the catalytic triad Ser-His-(Asp/Gln) is magenta, and the gallate binding residues are cyan. (c) Closeup of sites of
interest to this study. The cap domain termini are shown in the bottom left inset. The dashed line shows the backbone after cap domain

removal. The right inset shows the active site, following the same coloring scheme as in (b). (d) Schematics of the apparent catalytic triads in
CbTan 1 and 2. Left: Ser-His-Gln triad (ChTan1), and nearby Asp which is involved in gallate binding. Right: schematic of the canonical Ser-
His-Asp catalytic triad (CbTan2) and first step of the hydrolysis of a model ester substrate.

CbTan2, the cap consists of an antiparallel f-sheet
(Figure 1b) (Ristinmaa et al. 2022), which is similar to
the cap in TanLp though the latter exhibits a 180° twist
(Ren et al. 2013), and in TanBF,, the cap additionally

forms a small helix close to the substrate binding site,
inferring possible substrate interactions (Manchefio
et al. 2020). The advances in protein structure prediction,
with the most known being AlphaFold2 (Jumper
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et al. 2021) and recently the release of AlphaFold3
(Abramson et al. 2024), now enable accurate and poten-
tially large scale investigations into protein structure pat-
terns. We recently reported the characterization of all
three tannases encoded by C. butyricum (CbTanl-3), a
bacterium found in both gut and soil environments,
including structural predictions of ChTanl and 3 in addi-
tion to the crystal structure of ChTan2 (Cassir et al. 2016;
Ristinmaa et al. 2022). The three tannases were all func-
tional but had different substrate preferences. In contrast
to CbTan2 and 3 that have catalytic acids, CbTanl pre-
sents a Gln in its catalytic triad, and possesses an unex-
pected cap-like region originating from a different point
in its sequence than seen previously and which is close to
the active site (Figure 1c,d).

Here, we utilize bacterial tannases as a model family
to explore the potential of using AlphaFold for identifica-
tion of new enzyme cap domains or variable regions rela-
tive to the core o/p-hydrolase fold. We developed and
present here a hierarchical clustering pipeline using
AlphaFold2-generated models, which revealed the main
types of cap regions within the family, suggested new
subfamily classifications, and revealed previously unseen
cap insert positions and architectures. The flexibility and
potential substrate interactions of the CbTan2 cap were
then further investigated using molecular dynamics sim-
ulations with several gallotannin substrates. We then
more deeply probed the mechanistic aspects of the cap
and catalytic triad of ChTanl and 2, deployed as model
enzymes from each tannase subtype. We created a range
of enzyme variants to study both the catalytic mechanism
and to determine the possible role(s) of the cap domains
in catalysis, and show previously unseen substrate inhibi-
tion for this enzyme type, on different substrates for each.
Notably, this work represents the first mutagenesis study
on tannase subtypes. Our multifaceted investigation
improves fundamental knowledge on the biochemistry of
tannases, improves classification of these understudied
enzymes, and our code pipeline can be utilized further to
rapidly identify new insert regions in other families of
enzymes.

2 | RESULTS AND DISCUSSION

2.1 | Hierarchical clustering of bacterial
tannases

Cap domains are found in some o/f-hydrolases and are
implicated in controlling the kinetics of substrate binding
and unbinding (Rauwerdink and Kazlauskas 2015), but
for tannases there is a lack of information on the role(s)
of these domains. We previously reported a phylogenetic
tree of bacterial tannase sequences, and through

structure analysis of a few proteins observed several dif-
ferent cap domains (Ristinmaa et al. 2022). CbTanl pos-
sesses an amidic residue in place of the expected catalytic
acidic residue, and interestingly possesses a long region
of unknown secondary structure and function on the
opposite side of the active site relative to typical tannase
cap inserts. This region—referred to as a cap also in
CbTanl—may be intrinsically disordered (Figure 1c).
CbTan2 possesses a canonical aspartic acid catalytic resi-
due and has a small hairpin-turn p-sheet cap. To expand
on these analyses, we sought to more broadly investigate
the whole family to possibly discover yet additional cap
domains, and furthermore provide valuable insight on
whether there is a correlation between the cap type and
the 3rd residue of the catalytic triad. This type of analysis,
in addition, would find downstream application with
other enzyme families, where variable regions appended
to the core fold and positioned close to the active site
often have important roles in substrate specificity and
activity. We developed and applied here a pipeline for
combined multisequence alignment and pairwise struc-
tural comparisons. AlphaFold2 structures were generated
using each bacterial tannase sequence from the family
(total 260 sequences) (Ristinmaa et al. 2022), and each
pair of structures were compared using C, to C, RMSD
values. pLDDT scores (predicted local distance difference
test) were calculated for all structures, which indicate the
per-residue level of confidence. High overall values were
obtained for all structures (pLDDT >80) (Figure S2, Sup-
porting Information, “Structures”). We next identified
and determined clusters of proteins using hierarchical
density based clustering (hdbscan) (McInnes et al. 2017)
for both the structures and sequences to determine if the
structure comparison would provide additional depth of
information. The sequences were first filtered to remove
those without a catalytic Ser and/or His (Table S2),
resulting in 227 sequences (Data S1) and then clustered
(Figure 2a). Clustering by sequence and structure yielded
9 and 11 cluster groups respectively, with the majority of
clusters determined being identical between the two
methods. The two additional structure clusters did not
provide any additional insight into the family, as struc-
tures in clusters 9 and 11 were comparable with cluster
10, and all three occupied a single cluster by sequence.
We next inspected the predicted structures in each
cluster, which revealed that three insertion points in the
o/p-hydrolase fold accounted for all cap domains, and
these were designated as four major clades: cap
positions I, II, and III, as well “capless” tannases as IV
(Figure 2b). Interestingly, all of the insertion points, I-III,
are found between p-sheets 6 and 7 in the o/p-hydrolase
fold, but between different a-helix positions (Figure 2c),
and the length of each insert region varied significantly,
with cap site I having the greatest variation between the
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set of sequences (Figure S2). In order to assess the cap
domains, a cutoff was required for filtering of the result-
ing sequences. All three sites, when fit to a kernal density
function distribution, showed bimodal behavior and the
transition between the two peaks was used to assign cut-
offs for each cap length (cap I > 35 aa, cap II > 45 aa, cap
III > 25 aa; Figure S2). Of the 227 sequences, 3 contained
Asn as the catalytic amide; 79 contained Gln; while the
remaining 145 sequences contained Asp, and no tannases
contained Glu as the catalytic residue (Data S1). Signifi-
cantly, the identity of the 3rd catalytic residue was
strongly related to the cap positions—all tannases with
amidic catalytic residues occupied clusters with cap
position I, including CbTanl in cluster 6 (Figure 2b).
Intriguingly, there were 9 tannases—all in cluster 5—
with caps in position I that possess Asp rather than the
most common Gln (Figure 2a). This is noteworthy, as we
demonstrat that ChTanl can tolerate replacement of the
catalytic Gln with Glu (see below), and possibly also Asp.
It is intriguing that a mixed distribution of catalytic resi-
dues is found only in cluster 5. Potentially, this indicates
that the evolutionary pressure to transition from acid- to
amide-containing enzymes is not strong, but it is worth
mentioning that it is not known whether the acid- or
amide-containing tannases represent the ancestor of this
family of enzymes. We note that none of the cluster 5 tan-
nases have yet been biochemically characterized, and
future detailed studies of these might shed some light on
these questions.

Diverse caps were found when analyzing the set of
predicted structures. There were 93 tannases with posi-
tion I caps (82 of which contained an amidic residue in
the catalytic triad), which were highly varied
in sequence, as measured by information content using
sequence logos (Figure S3a), with many containing high
loop content and low helix or sheet content. These insert
regions were as long as ~120 residues with an average of
~70. Analysis of per-residue pLDDT scores in the posi-
tion I cap domains indicated a wide spread of values

(median ~60) (Figure S2, “Cap I"), which may imply dis-
ordered protein regions. Several structures had predicted
structural features which may be previously unstudied
types of cap domains and would require experimental
verification (Figure 3a). There were 41 tannases with
position II caps, which displayed highly spread pLDDT
scores (median ~50) (Figure S2, “Cap II”), and contained
high proportions of Gly, Ser, Thr, and Pro residues,
strongly suggestive of intrinsically disordered protein
domains (Habchi et al. 2014; Uversky 2014) (Figure S3b).
AlphaFold2-derived structures suggested that these caps
contained loops which may cover the tannase active site,
but are also comprised of residues that would not be
anticipated to form strong interactions to substrates
(hydrogen bonding or n-stacking) (Figure 3b). Detailed
biochemical and computational characterization of these
members would be informative, as there is only a single
tannase from this group that has been previously studied
(Ss-Tan from Streptomyces sviceus), with no structural
information and only a few model substrates tested to
date (Wu et al. 2015). The position II caps were also
highly varied in length, between 60 and 80 aa. At cap
position III there were 79 members all with a catalytic
Asp residue and this group contained all the structurally
characterized bacterial tannases to date (TanLp, CbTan2,
TanBF,,). The majority of the structures could be catego-
rized as having caps that were TanLp-like (twisted hair-
pin) (Ren et al. 2013) or TanBF,,-like (shorter hairpin
with additional small helix) (Manchefio et al. 2020)
(Figure 3c). All sequences were found to have either zero
or one cap, except notably CbTan3, which contained both
a twisted hairpin in position III as well as a region con-
taining loops and small helices close to the active site in
position II (Figure 3c), possibly thereby being able to
form a substrate clamp structure. It is not known cur-
rently if other tannases possess the untwisted hairpin as
was previously determined in the structure of ChTan2
(Ristinmaa et al. 2022). The cap length in position III var-
ied between 20 and 33 aa, and was more strongly

FIGURE 2

Hierarchical clustering of bacterial tannase sequences using both AlphaFold2 structures and amino acid sequence. (a) Top:

heatmap determined using the C,-to-C, RMSD for each structure pair, with dendrogram/evolutionary tree on the top and left revealing
4 distinct tannase clades. On the right, previously named tannases are indicated. Bottom: categorization of sequences and clustered tannases:

(i) cap description, based on location that cap is inserted into the tannase sequence; (ii) k-means (average) clustering based on structure

comparison; (iii) cluster number based on sequence alone; and (iv) identity of 3rd member of catalytic triad (amide, blue; acid, red).

(b) Clusters based on separation between branches of sequences. These correlated strongly with cap insertions in different regions of the

canonical o/p-hydrolase fold (Cap positions I-III, and “no cap” as IV). The purple star indicates the unique cluster containing sequences
with varied 3rd catalytic residues (Gln, Asn, and Asp). (c) Model structure showing catalytic residues and cap insertion points in the general
tannase structure (AlphaFold2 model of TanBSg from Streptococcus gallolyticus in the “no cap (IV)” category) (Jiménez et al. 2014a; Jiménez
et al. 2014b). Gallate is modeled with yellow ball and sticks, and the catalytic triad is colored magenta (S/Ser, H/His are indicated with a
circle; 3rd residue indicated by purple star). Bottom right: legend for each criterion. In parentheses are shown the number of members. A

full table of data is available in Data S1.

85U8017 SUOWIWOD BA 11810 3|qeol (dde 8y} Aq pauenob ae sapile VO ‘8sN JO Sa|n. 10} Akl TauljuQ AB|1M UO (SUONIPUOD-pUe-SWe) Lo A8 1M Aleld 1 jpuluo//sdny) SUoRIpUoD pue swie | ay) 88s *[5z02/T0/0€] uo Areiqiauliuo Ao jim ‘ABojouyse 1 JO AisieAluN SeW YD AQ 2025 01d/Z00T OT/I0p/W0 A8 | M Ake.q | pui|uo//Sdiy Woiy papeojumoqd ‘2T %202 X96869%T



COLEMAN ET AL. Wl L EY 7 of 20

FIGURE 3 Representative structures for bacterial tannases with unique predicted cap domains across the cap categories identified in
Figure 2. The uncharacterized tannases are named in the image using the species names, and in this caption with their IMG/M accession
numbers and locus tags. Below each structure in (a) and (b): Details of active site. Amino acids within 6 A of the gallate are shown as sticks.
In each structure, gallate (overlaid from the solved structure of TanLp) (Ren et al. 2013) is modeled as yellow balls and sticks, and the
catalytic triad is colored magenta. The cap domains in each are colored as per Figure 2: Cap position I, blue; cap position II, green; cap
position III, orange. (a) Representatives from cap position I—which represents all sequences with a catalytic amide—in cluster 5, containing
the outliers with alternative 3rd catalytic residues. Shown are a predicted tannase from Olsenella sp. RUG004 (IMG/M: 2800836454, Locus:
Ga0313286 11216, Gln catalytic residue), the characterized TanAAp from Atopobium parvulum (Jiménez et al. 2014b) (catalytic Asn), and a
predicted tannase from Olsenella sp. KH3B4 (IMG/M: 2654356166, Locus: Ga0105818 103128, catalytic Asp). (b) Ss-Tan (Jiménez

et al. 2014a) with cap position II, all members with catalytic Asp residue. (c) Members of cap position III, ChTan3 and TanBF,,, (Tomds-
Cortazar et al. 2018) (all with Asp as 3rd catalytic residue). CbTan3 contains apparent caps at both positions II and III, unique among all
sequences analyzed. The amino acid sequences of each cap domain from the structures shown are provided in Table S2, and sequence logos
for each family are provided in Figure S3.
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conserved than the other positions, with high content of
hydrophilic residues (Figure S3c) and high pLDDT scores
(median ~90) (Figure S2, “Cap III”). This manner of
structurally investigating a whole enzyme family to dis-
cover larger inserts is to our knowledge new, and will be
useful to pinpoint interesting targets of tannases, and
potentially other enzymes, for biochemical characteriza-
tion and utilization.

2.2 | Molecular dynamics simulations of
the cap domain substrate interactions of
CbTan2

Motivated by the lack of substrate-enzyme complexes
available for tannases in the PDB, and the knowledge
that the short hairpin p-sheet cap architecture in cap
position III is very common across the family, we per-
formed molecular dynamics (MD) simulations for sub-
strate-bound CbTan2 with methyl gallate (MG),
glucogallin (GG), and epigallocatechin gallate (EGCG)
(Figure 1a). Substrates were docked via alignment of the
galloyl moiety with the position of the gallate in
the bound crystal structure of TanLp (PDB ID: 4J0H)
(Ren et al. 2013) (Figure S4). The docked substrates
exhibited hydrogen bonding between the galloyl moiety
and Glu379, Lys365, Asp441, and Gly74 residues, which
are residues conserved between TanLp and CbTan2, and
this binding position places the substrate near the cata-
lytic triad (Ser175, His471, Asp439). The missing loop
region in the crystal structure between residues 115 and
136 was reconstructed using ChimeraX (1.4) Modeller
Comparative (Goddard et al. 2018; Meng et al. 2023; Pet-
tersen et al. 2021; Sali and Blundell 1993).

We performed MD simulations for MG, GG and
EGCG bound to both the wild-type (WT) enzyme
and further cap removal (CR) variants of ChTan2 for
10ns with 10 replicates, and the binding enthalpy
was calculated using MM-PBSA (Miller III et al. 2012).
No significant differences in binding enthalpy were
found between the CR and WT variants for each of
the substrates (MG: —18.4 + 1.0 kcal mol™*, EGCG:
—222+1.6kcalmol™, GG: —16.5+ 2.9 kcal mol™%;
Figure 4a). The ratio of frames in which the substrate
remained in a catalytically relevant conformation, that is,
where the substrate was held close to Serl75 (necessary
for ester hydrolysis), was not significantly different
between the WT and CR variants in the MD simulations,
but was smaller for MG compared to GG and EG, which
may suggest lower activity of this substrate-enzyme pair
(WT: ~60%, CR: ~75%, Figures 4b and S6).

The cap region adopted numerous conformations dur-
ing the 10 ns simulations, as indicated in the RMSF which
ranged from 5 to 8 A (Figure S5). The reconstructed loop

(aa 115-136) exhibited large flexibility, while the core of
the enzyme maintained a conformation similar to the
crystal structure (Figures 5 and S5). We observed that the
cap twisted from its initial position, reminiscent of the
cap conformation observed in the structure of TanLp
(Ren et al. 2013), as well as conformations with reduced
B-sheet and higher loop content. Hydrogen bonding
between the substrate and the core of the enzyme, the cap
region, and the solvent were next analyzed (Figure 4c and
Table S3). Given that each substrate contains a carboxyl-
ate group and several hydroxyl groups, substrate-protein
interactions were expected to be largely hydrogen-bond
driven and thus were the main focus of the analyses. The
galloyl moiety exhibited similar H-bonding patterns
across all three substrates, consistent with the initial
docked conformation: H-bonds between the Glu379 car-
boxylate and two of the galloyl OH groups were present
for >90% of the time in the simulations. H-bonds between
the remaining galloyl OH and Asp441, as well as to
Lys365, and hydrogen bonding of the galloyl carbonyl to
the backbone of Gly74 were present for significant por-
tions of time for both WT and CR simulations.

The number of H-bonds between the cap and the sub-
strate were more numerous for EGCG—notably to
His243—compared to GG while the substrates remained
bound, but were not retained persistently throughout the
simulations. Instead, each was present in usually <1% of
the frames analyzed (Table S4). General contacts between
the cap residues and the substrates were found to be pre-
sent in larger fractions for His243 and Arg245 for EGCG
and GG (Tables S5 and S6). In snapshots where the cap
has a decreased p-sheet content and increased loop con-
tent, EGCG formed =n-n interactions with His243
(Figure S7). H-bonds to the backbone of His471 were also
present for EGCG (~75% of the time) and for
GG (~25%).

Large numbers of frames analyzed indicated H-bonds
between solvent and the catechin portion of EGCG, and
solvent and the glucose moiety of GG (Table S3). Overall,
these simulations revealed a surprisingly low frequency
of interactions between the cap and substrates, and sug-
gested that another explanation may exist for the role of
the cap, perhaps acting as an “antenna” or gate to assist
in controlling substrate entry and exit into the active site
binding pocket. We next performed biochemical studies
to gain more insight into the role of the cap domain.

2.3 | The biochemical roles of the cap
domain and the acidic/amidic catalytic
triad residue

We produced variants of ChTan 1 and 2 to determine the
biochemical purpose for the cap domain and to
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FIGURE 4 Analysis of the impact of the ChTan2 cap domain on binding enthalpy, productive catalytic geometries, and hydrogen
bonding interactions with gallotannin substrates. (a) Binding enthalpies calculated using MM-PBSA for catalytically relevant binding poses
during 10 ns simulations of substrates bound to ChbTan2, both with and without the cap domain (WT, black; CR, blue; N = 10 each).

(b) Percentage of time during MD simulations that the substrate was found in a catalytically relevant binding pose. This was defined as
instances where the distance between the gallate carbonyl carbon (C) and the S175 sidechain oxygen (O) was below 3.2 Ain the running
average. “nd” denotes differences that are not statistically significant. (c) Hydrogen bonds present between substrates and residues of
CbTan2 during 10 ns MD simulations, comparing WT and CR variants. The numbers represent the % of time that the interaction was
observed, and standard deviation (SD) over 10 replicates. Interactions with <1% are excluded for clarity. Blue indicates residues found in the
core domain, and orange in the cap domain. Significant differences between WT and CR are highlighted with green shading. Interactions
are grouped as follows: (i) found between CbhTan2 and the galloyl moiety, (ii) CbTan2 and the EGC moiety, (iii) CbTan2 and the glucose
moiety. MD snapshots of several prevalent interactions are shown (blue dotted lines).
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rationalize the presence or absence of an acidic residue in
the catalytic triad (Figure S8). The remaining tannase
from C. butyricum, CbTan3, was excluded from the study
as it is the same subtype as CbhTan2 (Ristinmaa
et al. 2022). First, we generated CR variants for each tan-
nase to investigate substrate recognition and catalysis
(Table 1), where the entire cap domain was excised
(CbTanl: amino acids F359 to Y426 inclusive, ChTan2:
amino acids Y238 to 1258 inclusive), guided by the crystal
structure of ChTan2 and model of CbTanl (Figure 1c)
(Ristinmaa et al. 2022). Second, we produced variants
with altered catalytic acidic/amidic residues to determine
whether CbhTanl and 2 would retain catalytic activity
(Table 1 and Figure 1d). The specific activity of each
enzyme variant was determined using the three represen-
tative gallotannin substrates (MG, EGCG, GG; Figure 1a)
and were compared with the WT enzymes. MG has been
the most commonly employed substrate for screening of
tannase activity levels (Ren et al. 2013; Ristinmaa
et al. 2022). Activity screening of the purified proteins
was carried out with a modified rhodanine assay, as
described previously (Ristinmaa et al. 2022; Sharma
et al. 2000). However, this assay was unsuitable for activ-
ity determination of catechin-derived substrates due to
significant background interference from unreacted sub-
strate, and we found no previous studies on catechin sub-
strates using this assay. We instead performed kinetic
characterization using HPLC analysis via identification
and quantification of released gallic acid, which we sug-
gest should be the principal analytical method in future
mechanistic characterization of tannases. It has previ-
ously also been shown to be reliable and robust when
analyzing catechins in tea and wine, as well as determin-
ing kinetic parameters for tannases (Burns et al. 2000;
Dai et al. 2020; Hayashi et al. 2012; Monagas et al. 2005;
Ueda et al. 2014).

FIGURE 5

Using the aforementioned HPLC analysis, we deter-
mined specific activity of the WT CbTan enzymes using
MG, EGCG, and GG, which revealed that ChTanl was
more adapted to larger substrates than CbTan2 (Table 1).
The critical catalytic roles for the serine and histidine res-
idues for each enzyme were confirmed using alanine
mutants (S216A and H611A for CbTanl, S175A and
H471A for CbTan2) (Table 1). We next turned to a more
detailed investigation into the third member of the cata-
lytic triad.

CbTanl possesses glutamine (Q577) in place of the
more common acidic residue seen in serine hydrolases.
We created Q577A and Q577E variants to determine if
this residue is required for activity, and if CbTanl can
accommodate an acidic residue as part of the catalytic
triad. With Q577A, the specific activity on MG dropped
to 35% of WT activity (Table 1), and for the Q577E vari-
ant to 44%. To investigate if the loss in activity for Q577E
was due to a change in binding or enzyme activity, we
determined kinetic parameters of CbTan1-Q577E with
MG. There was no change in apparent binding affinity as
measured by K,,, while a decrease in k.,; by ~60% was
observed (Figure 6a and Table 2). To investigate the
opposite shift from catalytic acidic to amidic residue, the
CbTan2 variants D439A, N and Q were employed. D439A
retained only trace activity (<1%), and for D439N and
D439Q there was no measurable activity (Table 1).

These results together indicated that modifying the
acidic residue to an amidic (and vice versa) is not trivial
in the CbTan enzymes. Possibly, the subtype A tannases
have evolved a very specific geometric configuration in
the active site, such that the amidic residue improves the
enzymes' activity, although it is not required for catalysis.
We speculate that this arrangement is not strictly a cata-
lytic triad compared to the requirements of subtype B
tannases, and may lie somewhere between a catalytic

Extremes in the range of cap movement (orange) during MD simulations of substrate CbTan2 complexes. Substrates are

hidden for clarity. The cap is shown in orange and the reconstructed loop (aa 115-136) is colored blue. Representative snapshots from EGCG

(left and right) and GG (middle).
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TABLE 1 Specific activity

determined for each enzyme variant. ERas Variant MG FeCe oe

CbTanl Wild-type 223 +3.57 100 + 1.70 153 + 0.85
Cap removal 254 +1.12 72.8 + 3.08 108 + 2.99
Q577E 9.84 + 0.89
Q577A 7.86 + 1.30
S216A 0.031 + 0.14
H611A 0.021 + 0.087

CbTan2 Wild-type 489 + 1.30 117 + 7.17 161 + 13.0
Cap removal 19.7 + 0.982 66.2 + 5.07 131 +13.7
D439A 0.082 + 0.22
D439N 0+ 0.05
D439Q 0 + 0.01
S175A 0+ 0.09
H471A 0+ 0.21

Note: Specific activities are presented as pM gallic acid/uM enzyme/s, determined using 1 mM of substrate at
pH 7. Results are presented as mean + standard deviation, N > 3.
Abbreviations: EGCG, epigallocatechin gallate; GG, p-glucogallin; MG, methyl gallate.

dyad and triad. While an amidic residue may be less cata-
lytically optimal compared to an acidic counterpart, it
appears to provide a benefit in reducing accidental dele-
tion of the enzyme activity. Furthermore, it may contrib-
ute to orienting the other active site residues, as well as
the substrate, in an appropriate chemical confirmation
conducive for catalysis. It would be of great interest to
investigate if this behavior also holds for tannases from
other organisms, especially as we did not find any studies
which have biochemically characterized subtype A tan-
nases. Other serine hydrolases with a non-acidic third
catalytic residue should be investigated further. Devia-
tions from a Ser-His-Asp triad are rare and appear to be
evolutionarily disfavored (Czapinska and Bochtler 2022),
although enzymes with two acidic residues are also
known (Mazurkewich et al. 2019; Zong et al. 2022).

To date, the only substrate-bound tannase structures
are of alkyl gallates, and in some cases only the partial
substrate could be observed (Ren et al. 2013). As men-
tioned, we previously solved the X-ray crystal structure of
CbTan2, and predicted the structure of CbTanl using
AlphaFold2 as well-diffracting crystals could not be
obtained (Ristinmaa et al. 2022), and it possesses a long
region which we refer to as a cap that may be intrinsi-
cally disordered (Figure 1b).

We used circular dichroism (CD) spectroscopy to
confirm that each CR variant was properly folded, as
judged by comparison to reference spectra for secondary
structure content (Brahms and Brahms 1980). The CR
variant of CbTan1 showed a near-identical spectrum to
the WT enzyme (Figure S9a) in agreement with the
unstructured AlphaFold2 prediction. For CbhTan2-CR
there was a measurable change in the difference

spectrum at 198 nm compared to the WT enzyme, indica-
tive of a decrease in antiparallel p-sheet content
(Figure S9b), which is concordant with the determined
antiparallel p-sheet hairpin cap structure (Ristinmaa
et al. 2022). Temperature gradients were also applied to
each enzyme, to determine unfolding temperatures. The
data for CbTanl WT and CR enzymes adhered to a two-
state folded-unfolded model (Zwanzig 1997) (Table S7
and Figure S9c) and showed a decrease in melting tem-
perature by 5.6 °C upon removal of the cap domain. For
CbTan2, there was very little change in CD signal over
the temperature range tested, for both the WT and CR
variants. This suggested that CbTan2 may possess very
high thermal stability, which is a desirable trait for indus-
trial applications. The data suggested the CbTanl cap
could be an intrinsically disordered protein region (IDPR)
(Habchi et al. 2014) and so we used IUPred3 to predict
the disorder of each CbTan enzyme (Figure S9d) (Erdds
et al. 2021; Erd6s and Dosztinyi 2020; Mészaros
et al. 2018). As expected, IUPred3 predicted that theCb-
Tan1 cap region was disordered, and the ChTan2 cap was
predicted to be folded, agreeing with the CD data. Taken
together, the data suggest that the cap regions are not
crucial for the stability of these C. butyricum tannases
and possibly not for tannases in general.

The specific activity assays revealed significant differ-
ences between the role of the cap in CbTan 1 and 2, when
factoring in the ~10% change in molecular mass of each
enzyme upon cap removal. For CbTan1-CR, the specific
activity on MG was not significantly altered compared to
the WT enzyme (pM gallic acid/pM enzyme/s), while on
both GG and EGCG the activity was reduced by ~30%
compared to the WT enzyme (Table 1). These results
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suggest that the ChTan1 cap domain plays a role in deter-
mining substrate preference, at least for larger substrates.
The CbTan2-CR variant showed decreases in activity
compared to the WT enzyme, ~60% for MG, ~40% for
EGCG, and ~ 20% for GG.

To understand whether these results were due to
changes in binding affinity or to reaction rate, we deter-
mined kinetic parameters with MG, EGCG and GG for

the WT and CR variants of CbTan 1 and 2 (Table 2 and
Figure 6). We observed substrate inhibition effects with
certain enzyme variants with all three substrates, appar-
ently for the first time with tannase enzymes, as this has
not been observed previously with either the rhodanine
or HPLC-based assay (Ristinmaa et al. 2022; Ueda
et al. 2014). The data were thus fit to the substrate inhibi-
tion equation (Sonnad and Goudar 2004). From the

FIGURE 6 (a-c)Kinetic parameter determination for CbTan variants with (a) methyl gallate (MG), (b) epigallocatechin gallate (EGCG),
and (c) p-glucogallin (GG). The curves show the fit to the substrate inhibition equation. Activity units are pM gallic acid/uM enzyme/s.

Individual plots are reported in Figure S10. (d, e) Tannic acid precipitation assays with (d) cap removal variants and (e) inactivated variants

of CbTan 1 and 2. Absorbance at 800 nm was used to monitor precipitation over time when enzymes were combined with a solution of 3%

v/v tannic acid. Shown are the wild-type, cap removal, and Ser — Ala inactivated variants of ChTan 1 and 2; and as controls, BSA, and the

glucuronoyl esterase TtCE15A.
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TABLE 2

Kinetic parameters determined for ChTan1 and 2, both wild-type (WT) and cap removal (CR) variants, with methyl gallate

(MG), epigallocatechin gallate (EGCG), and glucogallin (GG) by fitting to the substrate inhibition equation.

Enzyme Substrate K,,, (mM)
CbTanl WT MG 594 +1.12
EGCG 18.5 + 8.92
GG 1.19 + 0.18
CbTanl CR MG 6.02 + 1.25
EGCG 0.412 + 0.056
GG 0.283 + 0.054
CbTan2 WT MG 3.00 + 0.47
EGCG 2.28 +0.71
GG 1.34 +£ 0.37
CbTan2 CR MG 4.60 + 0.98
EGCG 0.315 + 0.067
GG 0.559 + 0.095
CbTanl Q577E MG 7.49 + 0.90

K; (mM)* Keae (571 keat/Kp (mM ' s71)
618.4 + 309.2 65.3 + 4.26 11.0 + 2.79
1.11 + 0.54 2197 + 945 118.9 + 55.05
35.9 + 6.77 56.9 + 3.86 478 +10.6
47.9 + 9.80 78.8 + 8.32 13.1 + 4.11
31.1 + 391 81.2 +3.54 197.3 + 35.2
172.6 + 70.54 15.2 + 0.75 53.9 + 13.0
440 + 6.42 207.7 + 14.6 69.3 + 15.8
1.92 + 0.59 3711 + 86.2 162.4 + 44.05
8.51 + 2.39 70.0 + 10.8 521+ 11.2
29.7 + 6.04 79.6 + 9.01 17.3 5.7
18.0 + 3.42 74.5 + 5.22 236.9 + 67.3
59.7 + 15.2 33.7 + 2.16 60.3 + 14.1
96.0 + 20.8 27.4 +1.82 3.65 + 0.68

Note: K, is the Michaelis constant and K; is the inhibition constant. Results are presented as mean + standard deviation, N > 2.
“The substrate inhibition equation was used to fit all data for comparative purposes, although no inhibition was apparent for ChTanl WT with MG, ChTan1 CR
with GG, and only weakly for ChTan1 Q577E with MG. K,,, and k., values should be considered apparent parameters.

kinetic parameters determined, it appeared that ChTanl
and 2 are tuned to accommodate differently sized
substrates. Since substrate inhibition was observed, we
cannot directly use the kinetic parameters to determine
the maximal potential activity. Based on our initial rate
experiments however, we could observed that CbhTanl
showed its highest observed activity on EGCG and
CbTan2 on MG (Figure 6a,b). The observed maximal
activities with GG were similar between CbTan 1 and
2 although more significant inhibition was found with
CbTan2 (Figure 6¢). Furthermore, the two cap domains
provided different benefits to the CbTan enzymes.
CbTanl-WT was not apparently inhibited by MG
(as judged by the computed K; value, 620 mM); however,
the K; for ChbTanl-CR was more than tenfold smaller
(48 mM), and it appears the cap domain provides protec-
tion against inhibition by this substrate (Figure 6a). With
EGCG, removal of the CbTan1 cap instead led to drasti-
cally reduced catalytic efficiency as measured by k¢,
values (2200 s* for WT and 81 s~ ' for CR variant) and
observed maximum of the initial rate curves (Figure 6b
and Table 2). Conversely, ChTan2-WT and -CR variants
were both inhibited by MG and EGCG, showing the cap
domain of CbTan2 does not provide a protective effect.
For the CbTan2-CR variant, the activity was significantly
lower on both MG and EGCG, as assessed for CbTanl
(Table 2 and Figure 6a,b). For GG, both CR variants
showed ~5-fold reduced calculated values of K;, but also
reduced maximal activity, and ~3-fold smaller K,
parameters, suggesting improved binding in the active

site (Table 2). These collective results might indicate that
the caps are involved in directing substrates toward the
active site, and with different preferences for substrate
identity and size, as exemplified by the lack of significant
activity differences on MG upon removal of the cap from
CbTanl. Interestingly, the two CR variants behaved very
similarly to each other on all substrates in terms of k.,/
Ky (keat/Kpm ~15mM s for MG, 210 mM 's™* for
EGCG, and 57 mM ' s™! for GG). However, on GG, the
CbTan2-CR variants had 2-fold higher maximal activity
than CbTan1-CR but 2-fold higher K, (Figure 6¢). These
data suggest that the cap regions accounted for the
majority of catalytic differences between the enzymes,
implying different mechanistic roles for each cap domain.
Furthermore, the different catalytic triads do not appear
to significantly impact the activity, except in the case of
GG (Table 2). It appears ChTanl may function using a
Ser-His catalytic dyad. This has been shown with some
other serine hydrolases (Ekici et al. 2008), and it is well
understood that the distinction between catalytic triads
and dyads can be ambiguous (Czapinska and Boch-
tler 2022). It is important to note here that determination
of accurate values for K,, and k., is impaired by very
small values of K; when fitting to the substrate inhibition
curve, and these inhibition effects may have not been
observed previously as they occur at substrate concentra-
tions that are higher than normally employed for assays.
We speculated that the cap domain, as well as the
esterase activity of tannases, may also confer resistance
against precipitation by compounds such as tannic acid.
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To test this, we designed a simple microplate-based assay
measuring absorbance at 800 nm to monitor protein pre-
cipitation. We mixed a 3% v/v tannic acid solution with
the WT, CR, and inactivated Ser — Ala variants of CbTan
1 and 2. We employed two controls: BSA, and the
glucuronoyl esterase from carbohydrate esterase family
15 (CE15) isolated from Teredinibacter turnerae,
TtCE15A, studied previously by our group (Arnling Bééth
et al. 2019) (also an a/f-hydrolase) and which has shown
resistance to inactivation by lignin (Raji et al. 2021). We
observed that both BSA and TtCE15A precipitated signifi-
cantly within 1 h, indicating denaturation through inter-
actions with tannic acid (Figure 6d). Unexpectedly, both
the WT and CR variants of CbhTan1 initially appeared to
precipitate but then the absorbance returned to zero.
Under the same conditions, both variants of ChTan2 pre-
cipitated to some extent, although much less than BSA or
TtCE15A. Under the precipitation assay conditions, the
Ser — Ala variants showed similar overall trends as
the WT enzymes: CbTanl-S216A appeared to initially
precipitate greatly but then return to a soluble state,
whereas CbTan2-S175A did not display any observed pre-
cipitation (Figure 6e). We therefore speculate that precip-
itation is driven by direct tannic acid interactions, and
that partial hydrolysis of the substrate is not the reason
for CbhTanl returning to a soluble state over time. These
data suggest that the surface residues of ChTanl and 2—
or possibly some unidentified protein regions—provide
defense against tannic acid-induced precipitation.

The simulation results taken together with these bio-
chemical data reveal that catalytic function is retained in
CbTan2 when the cap domain is removed, through the
large proportion of interactions between bound sub-
strates and solvent, and the lack of persistent H-bonds
between the bound substrate and the cap region We
reported previously that MG is quite weakly bound to the
CbTan enzymes (Ristinmaa et al. 2022), which we con-
firm in the present work, and here our molecular dynam-
ics simulations revealed quite limited interactions
between the cap and substrate (Figure 4). The backbone
of the catalytic His471 formed hydrogen bonding interac-
tions with H14 of the catechin moiety of EGCG. We spec-
ulate that this interaction may contribute to the strong
substrate inhibition observed (K; = 1.92 + 0.59 mM). The
K; was 10-fold larger for ChTan2-CR than the WT, sug-
gesting this interaction with the cap constrains the sub-
strate in the active site.

We conclude that the varied cap domains contribute
to the hydrolysis of gallotannins in different ways, with
the CbTan2 cap improving activity on small substrates
like MG and the ChTanl cap with catechins like EGCG,
while GG appears to occupy a middle ground. Addition-
ally, CbTan1 and 2 appear to be resistant to precipitation

by tannic acid even without their cap domains or cata-
lytic activity. One role for the cap domain in tannases
may be as a gatekeeper, directing gallotannins to the
active site in a controlled manner to reduce the possibil-
ity of inhibition. It is possible that larger substrates than
those tested here, such as tannic acid, may form stronger
interactions with the cap region. Protein NMR experi-
ments could for instance be highly informative in con-
firming the interactions identified in our MD
simulations, and analysis of the variations in tannase cap
domains may permit identification of tannases with bet-
ter catalytic properties.

3 | CONCLUDING REMARKS AND
OUTLOOK

There are some shortcomings in the tannase subtype clas-
sifications which mostly stem from a lack of detailed bio-
chemical and structural studies on both the active site
and the cap domains. We showed here that the cap of
CbTan2 forms only very limited interactions with varied
gallotannin substrates, suggesting that this hairpin-style
cap domain may instead act as a gate for substrate entry
and exit. In many other o/f hydrolases, the cap is
employed to control the substrate alcohol moiety binding
site (Rauwerdink and Kazlauskas 2015), which does not
appear to be the case with CbTan2. Possibly, different
tannase cap domains accommodate and regulate varied
substrates such as tannic acid or other common defense
molecules, which could be elucidated by studying the
newly identified tannases from the structural prediction
and clustering in this work. This study represents the first
apparent observation of substrate inhibition by the inter-
actions of tannase enzymes with several tannins, namely
methyl gallate, epigallocatechin gallate, and f-glucogal-
lin. Here, we demonstrated that the cap domains of
CbTanl and 2 play significant roles in controlling tannase
catalytic properties, and appear to reduce enzyme inhibi-
tion through an as of yet unclear mechanism.

There is apparently little difference between the two
“capless” variants with an acidic or amidic residue; how-
ever, the third catalytic residue appears to be important
in a subtle way. Our (and previous) mutagenesis studies
on tannases have demonstrated that enzyme activity is
abolished by removal or replacement of the catalytic
acidic residue, showing that in these cases the specific
arrangement around the catalytic Ser-His-Asp triad is
critical (Mancherio et al. 2020; Ren et al. 2013). On the
other hand, our phylogenetic and biochemical analyses
support that the amidic residue-containing tannases may
function using a Ser-His dyad. This is comparable with
other enzymes such as papain (Cys-His-Asn protease)
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(Vernet et al. 1995) and rhomboid protease (Ser-His-Asn)
(Ekici et al. 2008; Maegawa et al. 2005), where the aspar-
agine is not an essential catalytic residue and the dyad
likely evolved first, before additional stabilization was
introduced by the extra hydrogen bond of the 3rd cata-
lytic acid (Richter et al. 2012). We propose here that there
are four distinct clades of bacterial tannases, based on the
cap domains' location in the a/p-hydrolase fold, and iden-
tity of the 3rd catalytic residue, which we designated as
tannase cap types I-IV. CbhTanl falls within cap type I,
which was shown to be a highly divergent category in
terms of both cap sequence length and composition.
Whether the biochemical data we present for ChTanl can
represent the entire cap class is currently unclear, and
additional studies of other enzymes from the same cluster
are needed. Given the diversity within this grouping, it is
however likely that differences exist among these
enzymes also regarding biochemical properties. On the
other hand, CbhTan2, placed in cap type III, appears to be
similar to several studied tannases such as TanLp, and
our data on CbTan2 may thus be transferrable to other
cap type III tannases.

From this work, it is apparent that readily available
structural prediction algorithms, such as the recently
released AlphaFold3 (Abramson et al. 2024), can be
employed to cluster and categorize other families of
enzymes, to study the diversity of inserts, domains, and
active site catalytic/binding residues, and complement
standard sequence-based approaches. In the case of tan-
nases, it is clear that remarkably differently behaving
enzymes can stem from the same core fold. In the search
for new enzymes for commercial and industrial applica-
tions, screening of enzymes for desirable properties is
important and our computational method provides a new
useful tool. Overall, the study greatly improves our fun-
damental knowledge on this understudied family of
enzymes, permits identification of previously unexplored
tannases, and demonstrates how we can further analyze
and categorize the diverse insert regions found in many
other enzyme families.

4 | METHODS

41 | Generation of mutants

The design of pET-28a-TEVc vectors containing coding
sequences for CbTan 1-3 were described previously (Ris-
tinmaa et al. 2022). Mutants were generated using com-
plimentary primers which contained the desired
mutation flanked by regions of homology to the gene of
interest (Braman et al. 1996). For removal of the cap
domain regions, the primer design was based on

instructions from the QuikChange II Site-Directed Muta-
genesis Kit (Agilent). After amplification of the parent
with mutation primers (25 pL reaction) using Kapa Hifi
polymerase, parental DNA was digested using Dpnl, and
10 pL of the reaction was transformed into chemically
competent E. coli DH5a. Plasmid DNA was isolated from
overnight cell cultures, and sequence verification was
used to confirm the presence of the correct mutation.

4.2 | Expression and purification of
enzymes

Plasmid DNA for each mutant were transformed into
BL21(DE3) chemically competent E. coli. Transformants
were cultured in 5 mL Lysogeny broth with 50 pg/mL
neomycin (LBneo) overnight, 37 °C, 200 rpm, and then
propagated in 50 mL LBneo until they reached an ODg,
of 0.4-0.6, when protein expression was induced with
0.5 mM isopropyl p-p-1-thiogalactopyranoside (IPTG).
The cells were incubated for 24 h at 16 °C and harvested
by centrifugation. Cell pellets were resuspended in
25 mM tris(thydroxymethyl)aminomethane (Tris), pH 8,
250 mM NaCl, 5 mM imidazole. The cells were disrupted
using sonication and resulting cell debris removed by
centrifugation (30 min, 18,000g). The proteins were puri-
fied by immobilized metal affinity chromatography
(IMAC) using a 5mL HisTrap Excel column (Cytiva),
using an AKTA FPLC system. The column was first
washed with 5 column volumes of loading buffer with
25 mM Tris, 250 mM NaCl, pH 8, 5 mM imidazole, at a
rate of 2 mL/min. The proteins were eluted using a 0-
100% gradient of 500 mM imidazole in 25 mM Tris,
250 mM NacCl, pH 8. Proteins were buffer exchanged into
25 mM Tris, 250 mM NacCl, pH 8, to remove imidazole.
Fractions of flow-through, wash, and elution were col-
lected and evaluated for purity using pre-cast stain-free
SDS-PAGE gels (Bio-Rad). A Nanodrop 2000 spectropho-
tometer (Thermo Fisher Scientific) was used to determine
protein concentration using calculated values for molecu-
lar weight and extinction coefficient.

4.3 | Biochemical characterization and
HPLC analysis

Substrates were purchased from either Sigma or Carbo-
synth. Specific activities of the tannases were determined
initially using a modified rhodanine assay (Ristinmaa
et al. 2022; Sharma et al. 2000), enabling gallic acid detec-
tion via the formation of a complex with the rhodanine
under alkaline conditions. The tannase activity was
determined in 100 pL reactions using 1 mM of substrate
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(10 pL. added of a substrate solution, dissolved in 100%
DMSO; substrates were methyl gallate, epigallocatechin
gallate and p-glucogallin) in 100 mM Bis-Tris pH 7. The
mixture was incubated for 5 min at 37 °C with shaking at
500 rpm. Next, 65 pL of methanolic rhodanine solution
(0.667% w/v rhodanine in methanol) was added and
incubated for 5 min at 37 °C. Finally, 35 pL of 500 mM
potassium hydroxide was added and the reaction was
incubated for a further 5 min at 37 °C. The absorbance
was then measured at 520 nm in a plate reader (BMG
Labtech). The concentration of gallic acid released was
determined using an external standard curve.

Kinetic parameters were obtained for MG and EGCG
by using a tannase activity assay with HPLC analysis
(Ueda et al. 2014). Briefly, tannase enzyme was diluted to
0.05 pM in 100 mM Bis-Tris pH 7. Reactions were started
using 10 pL of substrate stocks dissolved in 100% DMSO
(final reaction volume 100 pL). Reactions were performed
at 37 °C with shaking at 500 rpm. After 10 min, the reac-
tions were stopped by adding 10 pL of 20% v/v H3PO,,
and this mixture was using directly for HPLC analysis as
per the paragraph below. HPLC analysis was performed
using a Luna C18(2) 100 A column (5 pm, 150 x 4.6 mm,
Phenomenex) attached to a Jasco PDA-RI chromatogra-
phy system. The solvent system was water-acetonitrile
(ACN) containing 0.1% phosphoric acid with a flow of
1 mL/min, and the column temperature was set to 25 °C.
The gradient steps consisted of 2% ACN for 1 min, fol-
lowed by a linear increase to 20% ACN over 8 min, then
to 90% ACN over 4 min, held for 3 min, then returned to
2% over 1 min. Thereafter, the column was re-equili-
brated at 2% ACN for 2 min. The sample injection vol-
ume was 30 pL. The gallic acid concentration was
determined at 230 nm against a standard curve using
pure external standards. Peak analysis was performed
using ChromNav v.2. Kinetic data were fit to either the
Michaelis-Menten equation (Equation (1)) or to the Hal-
dane equation for substrate inhibition (Equation (2))
(Sonnad and Goudar 2004) using Origin Pro,

~ Vmnax[S]
“Kn+ ) o
V= _ VealS] 5] (2)

Kn+[s](1+2)

For circular dichroism spectroscopy, each tannase
was buffer exchanged 3 times into 10 mM, pH 7.0 potas-
sium phosphate. The CD spectrum of each protein was
recorded from 190 to 240 nm using a Jasco J-815 CD
spectrometer with temperature control at 30 °C. Mea-
surements were performed using 400 pL of 2 pM protein

in a 2 mm pathlength quartz cuvette. The unfolding of
each enzyme was calculated by monitoring the a-helical
structure at 220 nm as a function of temperature, from
25to 85 °C.

The precipitation of enzymes was studied using tan-
nic acid, where 180 pL of a 3% v/v solution of tannic acid
in water was combined with 20 pL of enzyme stock
(2 mg/mL for CbTanl variants, TtA, and BSA; 0.75 mg/
mL for ChTan2 variants) and shaken at 300 rpm in a
plate reader (BMG Labtech) at 25 °C. The absorbance
was measured at 800 nm for 8 h. Controls were per-
formed with either the tannic acid or enzyme omitted.
Triplicate experiments were performed for each enzyme.

IUPred3 (available online at https://iupred.elte.hu/
plot) was employed to predict the chance of disorder for
each residue in ChTan1-3 (Erdods et al. 2021; Erd6s and
Dosztanyi 2020; Mészaros et al. 2018).

44 | Molecular dynamics simulations
Molecular dynamics simulations were performed with
AMBER 22 (Case et al. 2022) using pmemd (Salomon-
Ferrer et al. 2013). The system was prepared from chain
A of the CbTan2 crystal structure (PDB ID: 7Q6Y) (Ris-
tinmaa et al. 2022). An initial conformation for the loop
from residues 116-135 which was absent in the crystal
structure was generated using ChimeraX Modeller com-
parative (Sali and Blundell 1993). Hydrogens were added
to the protein using the H++ server with pH 7.4, salinity
0.15, internal dielectric 10, external dielectric 80, and the
orientation of HIS, GLN, ASN groups corrected based on
van der Waals contacts and H-bonding (Anandakrishnan
et al. 2012; Gordon et al. 2005; Myers et al. 2006). Note
that manual correction of the output from the reduce
function in H++ was required. HIS471 was then changed
from HIP to HID to better represent the catalytically
active form (deprotonated) within the catalytic triad. The
gallate bound TanLP crystal structure (PDB ID: 4J0H)
(Ren et al. 2013) was overlayed in UCSF ChimeraX (God-
dard et al. 2018; Meng et al. 2023; Pettersen et al. 2021)
by aligning the conserved catalytic triad to identify the
likely tannin binding site. Substrates methyl gallate
(MG), p-glucogallin (GG), and epigallocatechin gallate
(EGCG) were then manually docked into the closed con-
formation of ChTan2 by aligning the gallate portion with
that bound in the TanLP crystal structure and adjusting
directions of hydrogens for H-bonds. Hydrogens were
added to the crystallographic water as using tleap from
AmberTools22 (Case et al. 2023) and recombined with
the protein system.

Parameters for MG, GG, and EGCG were generated
using antechamber using the general AMBER force field
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(gaff) (Wang et al. 2004; Wang et al. 2006). Partial
charges were fit using the RESP model (Bayly et al. 1993)
for an electrostatic potential generated in Gaussian
16 (Frisch et al. 2016) using the Merz-Singh-Kollman
(Besler et al. 1990; Singh and Kollman 1984) scheme at
the HF/6-31G(d)//M06-2X/6-31G(d) level of theory. The
Amber 19 force field with the Stony Brook modification
(ff19sb) (Tian et al. 2020) was used for the protein param-
eters. The system was solvated in a pre-equilibrated trun-
cated cuboid box of box of OPC (Izadi et al. 2014) water
with a 10 A buffer using tleap and Na+ counter ions
added to neutralize the charge of the system. The Leon-
ard-Jones electrostatic interactions cut-off was set to
10 A. For long range interactions, the particle-mesh-
Ewald method was used (Darden et al. 1993).

The energy of the system was minimized first with a
500 kcal mol~* A2 restraint on the solute, and then with
no restraints on the system. The system was heated from
0 to 300 K over 300 ps, under constant-volume (NVT)
and periodic-boundary conditions with a time step of
1 fs. The SHAKE algorithm was employed for water mol-
ecules (Miyamoto and Kollman 1992; Ryckaert
et al. 1977). A 30 kcal mol ' A~ restraint was placed on
the solute during heating. Following this, the system was
equilibrated, with no restraint on the solute and using a
2 fs timestep, for 2 ns under constant-pressure (NPT).
The temperature was controlled using Langevin dynam-
ics (y = 1) and the pressure regulated using the Berend-
sen barostat. Production trajectories were then performed
under NPT for 10 ns with 10 replicates. RMSD, distance,
angle and hydrogen bond analyses were performed using
cpptraj (Roe and Cheatham 2013). Molecular graphics
were generated using UCSF ChimeraX.

4.5 | Hierarchical clustering of bacterial
tannases

The set of bacterial tannases was generated as described
previously, resulting in 260 total tannase sequences (Ris-
tinmaa et al. 2022). For this structural analysis, these
were filtered to exclude those without a catalytic Ser and
His, resulting in 227 total sequences. AlphaFold2 was
used to predict structures for the sequences (Jumper
et al. 2021; Varadi et al. 2021). For each sequence, five
predicted structures were generated, and the structure
with the highest average pLDDT score was selected as
the representative structure for further analysis.

The sequences were first aligned into a multiple
sequence alignment (MSA) using Clustal Omega (Sievers
and Higgins 2018). From this alignment, a distance
matrix was also calculated using kimura correction.
Structures were then pairwise aligned and superimposed

with StructureAlignment and Superimposer modules
from the Biopython PDB 1.78 package (Hamelryck and
Manderick 2003). The module Superimposer was then
used to superimpose the aligned structures to minimize
the root mean squared distance (RMSD) between the
structures. The RMSD values were computed for all pos-
sible pairs of superimposed protein structures, resulting
in a symmetric distance matrix, where each element (i, j)
of the matrix represents the RMSD between protein
structures i and j. This distance matrix serves as the basis
for subsequent clustering analyses.

The sequence and structure distance matrices were
clustered using the Density-Based Spatial Clustering of
Applications with Noise (DBSCAN) algorithm, as imple-
mented in the Scikit Learn module (Pedregosa
et al. 2011). The DBSCAN clustering was performed with
distances 0.5/3.3 and minimum samples of 5/5 for the
sequence and structure-based distance matrix respec-
tively. The parameter values were chosen based on the fit
of visible clusters from two-dimensional T-SNE dimen-
sionality reduction that stayed consistent over perplexi-
ties of 5, 10, and 15.

Hierarchical clustering was performed on the struc-
ture distance matrix using the module hclust from R
4.2.0 (R Core Team 2013). Single linkage was used to link
the clusters. To visualize the DBSCAN and hierarchical
clusters, the R package ComplexHeatmap was used
(Gu et al. 2016).
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