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Oxidative recovery of hemicelluloses from lignocellulosic 
biomass 
 
LUCAS KURTH DEAZAMBUJA 

Department of Chemistry and Chemical Engineering 

Chalmers University of Technology 

 

ABSTRACT 

Lignocellulosic biomass is one of the most abundant renewable resources for 

the production of materials, chemicals, and fuels. Among its components, 

hemicelluloses are versatile polysaccharides, yet methods for their selective 

extraction remain limited, restricting their utilization. Developing efficient 

strategies for hemicellulose recovery is therefore important to improve 

resource efficiency and enable new biorefinery pathways. 

This work investigates sodium periodate oxidation as a strategy to facilitate 

the extraction and structural modification of hemicellulose-derived structures 

from wood biomass, with emphasis on oxidation conditions and cell wall 

accessibility. 

In the first study, the effects of oxidation time and oxidant dosage were 

examined in hardwood (birch) and softwood (spruce). Periodate oxidation 

introduced aldehyde functionalities, increased extraction yields, and 

promoted depolymerization. Differences between hardwood and softwood 

extracts reflected variations in hemicellulose structure and the availability of 

vicinal diols. 

The second study evaluated the role of cell wall accessibility using genetically 

modified aspen containing a callose spacer between cellulose macrofibrils 

and wood pretreated by peracetic acid delignification. Delignification did not 

substantially increase the overall extraction but enhanced the recovery of 

xylan-rich fractions, highlighting the limiting effect of lignin, while the callose 

spacer had little influence on extraction efficiency. Periodate oxidation 

consistently produced depolymerized oligosaccharides with a relatively 

narrow molar mass distribution. 

Overall, the results show that sodium periodate oxidation can be used to 

extract and modify hemicellulose-derived structures, providing insight into 

how reaction conditions and biomass structure influence the process and 

contributing to improved fractionation strategies for lignocellulosic 

biorefineries. 

 

Keywords: Hemicellulose extraction, oxidation, sodium periodate, cell wall 

accessibility, delignification.  
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1. Introduction 

1.1. Biorefinery and sustainability 

Biorefineries are central to the transition toward a bio-based economy, 

aligning with global sustainability efforts by reducing reliance on fossil 

resources and developing renewable alternatives [1], [2], [3]. This concept is 

considered a practical approach to largely replace the existing fossil-based 

material and energy systems through the utilization of lignocellulosic 

biomass. [4]. They are, namely, envisioned to convert biomass into a diverse 

array of useful products, including biochemicals, materials, and biofuels, 

through environmentally benign processes [4]. This promotes efficient 

resource use and lower greenhouse gas emissions, thus fitting sustainable 

economy principles [2], [4], [5].  

In this context, lignocellulosic biomass, composed of cellulose, 

hemicelluloses, and lignin, is a sustainable feedstock for biorefineries [4], [6]. 

However, challenges in deconstructing lignocellulose and converting 

individual components into functional bio-structures for materials and 

chemicals persist due to its inherent recalcitrant nature and structural 

complexity [7], [8]. Yet, despite the technical challenges in processing the 

lignocellulosic biomass, lignocellulosic biorefineries have high potential to 

become major providers of bio-building blocks due to the abundant availability 

of feedstocks along with the basic infrastructure (e.g., forest industry) for 

biomass processing [9]. 

 

1.2. Objectives 

The main objective of this work is to address the question: can the oxidation-

induced structural changes in hemicelluloses be employed to promote their 

extraction and recovery from lignocellulosic biomass? 

The work is based on the hypothesis that conformational changes of 

hemicelluloses upon oxidation are capable of improving their solubility and 

mobility in the cell wall, leading, thus, to enhanced extractability.  

 

To reach this objective, the following sub-objectives are addressed: 

• To evaluate whether the well-studied periodate oxidation, acting 

through a well-known pyranose ring opening, can effectively provide 

hemicellulose extraction and recovery. 

• To determine how oxidation parameters, such as oxidant dosage and 

reaction time, influence the extraction yield and the molecular 

characteristics of the recovered material. 



 

2 
 

• To investigate how biomass structure and cell wall accessibility 

influence the oxidation-mediated extraction of hemicelluloses.  
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2. Background 

2.1. Tree structures 

The main part of the globally available lignocellulosic biomass is located in 

trees. Trees are complex, hierarchical biological materials whose structure 

spans multiple length scales, from the supramolecular arrangement of 

polymers in the cell walls to the macroscopic organization of fibers in the trunk 

(Figure 1). This multiscale architecture is responsible for wood's remarkable 

combination of strength, stiffness, flexibility, and porosity [10], [11]. At the 

macroscopic level, wood is a porous material composed primarily of 

elongated cells aligned along the longitudinal axis of the tree. In softwoods, 

these are primarily tracheids (elongated cells providing both supportive and 

conductive function) combined with a minor content of parenchyma cells 

(specialized for storage and protection), while hardwoods contain a more 

diverse mix of fibers (support), vessels (conduction), and parenchyma cells 

(storage and metabolic functions) [10], [11]. Those plant cells, connected by 

membrane openings in their cell walls (pits), form a continuous network of 

interconnected cavities, or lumina, that give wood its intrinsic porosity and 

enable the transport of water and nutrients during the tree's life while 

influencing later processes like chemical modification and drying [10], [11]. 

The cell wall itself is a multilayered structure composed of highly organized 

biopolymers. At the molecular level, these layers are constructed from 

cellulose, hemicelluloses, and lignin [12], [13], their structural details and 

assembly in the cell wall layers being described below. 

  

2.1.1. Cellulose 

Cellulose forms the primary structural scaffold of the cell wall through long, 

linear chains of β-(1→4)-linked glucose units that assemble into tightly 

packed, semi-crystalline microfibrils [13]. These microfibrils aggregate into 

larger bundles known as macrofibrils [14], assembled in different layers of the 

cell wall. The outermost part of the cell wall, the primary cell wall, forms during 

cell growth and consists mainly of cellulose, hemicelluloses, and pectins, with 

cellulose microfibrils arranged in a relatively disordered network that allows 

for wall extensibility. When the cell growth has been completed, the 

secondary cell wall is deposited between the primary wall and the membrane, 

in three layers: S1, S2, and S3. In the thin S1 layer (0-2-03 µm), cellulose 

microfibrils are oriented at a relatively large angle in relation to the cell axis. 

The S2 layer is the thickest (1-5 µm) and contains microfibrils aligned at a 

significantly smaller angle to the cell axis, providing most of the mechanical 
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strength. In the thin S3 layer (~0.1 µm), microfibrils are again arranged at a 

large angle relative to the axis, forming the innermost layer adjacent to the 

membrane. The composition of cellulose, hemicelluloses, and lignin varies 

between the layers. The adjacent cells are connected by a lignin and pectin-

rich layer responsible for cell adhesion, the middle lamella [15]. 

 

2.1.2. Hemicelluloses 

Hemicelluloses are closely associated with the cellulose backbone of the cell 

wall and comprise two main groups of heteropolysaccharides: xylans and 

glucomannans [14]. They typically account for approximately 20–35% of the 

total weight of the lignocellulosic biomass, though this percentage varies 

significantly depending on the specific botanical species and tissue type [13], 

[14], [16]. Unlike cellulose, which is characterized by its linear, highly 

crystalline arrangement of glucose chains, hemicelluloses possess a 

branched and amorphous structure [2], [16], [17].  

Due to their amorphous nature and lower degree of polymerization compared 

to cellulose, hemicelluloses are significantly more susceptible to hydrolysis, 

which makes them a primary target for efficient deconstruction in biorefinery 

processes [13], [14]. Their abundance and renewable nature, combined with 

their rich functional chemistry, allow for the conversion of hemicelluloses into 

a wide array of value-added products, including platform chemicals and 

advanced biomaterials [2], [13], [14].  
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Figure 1: Schematic representation of the wood structure: cell wall, and molecular 

level organisation previous work [17]. 

 

a) Hardwood hemicelluloses 

The dominating hemicelluloses in hardwood species are O-acetyl-4-O-

methylglucuronoxylans, which consist of β-(1→4)-linked xylan backbone, 

(Figure 2) [17], [18] typically featuring approximately one β-(1→2)-4O-

methylglucuronic acid substituent for every 10–20 xylose residues and a high 

degree of acetylation corresponding to approximately 0.3–0.6 mol of acetate 

groups per mol of xylose [16], [18]. 

In addition to glucuronoxylans (but in much lower amounts, typically 2-5%), 

hardwoods contain glucomannans, primarily O-acetylated glucomannans 

composed of a β-(1→4) linked backbone of mannose and glucose units [16].  

Although glucuronoxylan is the dominant hemicellulose in both birch and 

aspen (treated in this work), compositional differences have been reported 

[14], [18]. Birch generally contains a slightly higher hemicellulose content, and 

variations also occur in the frequency and distribution of 4-O-

methylglucuronic acid substituents and acetyl groups along the backbone 

[14]. 
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Figure 2: Hardwood hemicellulose (illustration based on the work of [17].) 

 

b) Softwood hemicelluloses 

Softwood total hemicellulose content generally ranges from approximately 25 

to 30% of the dry wood weight and comprises primarily glucomannans (10–

15%), along with galactoglucomannans (5–8%) and arabinoglucuronoxylans. 

Glucomannans consist of a β-(1→4)-linked backbone of mannose and 

glucose units, with the mannose-to-glucose ratio typically ranging from 3:1 to 

4:1, although this can vary depending on species and growth conditions [19], 

[20]. Glucomannans are partially acetylated, predominantly at the C-2 and/or 

C-3 positions of mannose units, but their degree of acetylation is generally 

lower than that observed for hardwood xylans [19], [20]. 

Galactoglucomannans also carry α-(1→6) linked galactose substituents 

attached to mannose residues [16], [20] (Figure 3). In addition to 

galactoglucomannans, softwoods contain arabinoglucuronoxylans [17], [20], 

[21]. These xylans are composed of a β-(1→4)-linked xylan backbone 

substituted with α-(1→2)-linked 4-O-methylglucuronic acid residues and α-

(1→3)-linked arabinofuranose units [22].  

Overall, the predominance of glucomannans, the presence of the galactose 

side groups, and the specific substitution patterns of arabinoglucuronoxylans 

distinguish softwood hemicellulose chemistry from that of hardwoods, with 

important implications for pulping, fractionation strategies, and biorefinery 

processing routes [14]. 

 



 

7 
 

 
 

Figure 3: Schematic illustration of softwood hemicellulose (Illustration based on the 

work of [17]) 

 

2.1.3. Lignin 

Lignin is an aromatic, three-dimensional polymer composed of 

phenylpropane units [23]. It acts as a natural adhesive that provides 

compressive strength, hydrophobicity, and resistance to decay [23], [24]. 

Hemicelluloses are believed to be associated with lignin through covalent 

bonds and physical entanglement, helping to integrate the carbohydrate 

network with the hydrophobic lignin matrix via the formation of lignin-

carbohydrate complexes [16], [24], [25]. These dual interactions enable the 

distribution of mechanical stress, enhance moisture regulation, and define the 

architecture of the secondary cell wall [12], [16], [24]. 

 

2.2. Hemicellulose interaction in the cell wall 

The structural integrity of the tree cell wall arises not only from the intrinsic 

properties of cellulose, hemicelluloses, and lignin but also from their intimate 

molecular interactions and supramolecular organization [17]. Together, they 

give rise to a resilient composite system in which cellulose provides strength, 

hemicelluloses contribute with flexibility and connectivity, and lignin ensures 

rigidity and protection, enabling trees to thrive in diverse and demanding 

environments [2], [13], [23]. Hemicelluloses exhibit distinct interaction 

patterns with cellulose microfibrils and lignin [17]. In general, glucomannans 

are believed to associate closely with cellulose surfaces through hydrogen 
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bonding and van der Waals forces, while xylans are believed to be more 

frequently linked to lignin via lignin–carbohydrate complexes [25]. These 

structural features influence their extractability, hydrothermal stability, and 

depolymerization behavior. Yet, there is a portion of xylan believed to closely 

interact with cellulose. When xylan interacts with the cellulose surface, its 

backbone geometry typically undergoes a conformational change from a 

flexible three-fold helical screw to a flat, two-fold helical screw ribbon [16], 

[26]. This conformation aligns with the periodicity of the cellulose microfibrils, 

maximizing interpolymer hydrogen bond formation [16], [26]. These hydrogen 

bonds act as reversible but numerous intermolecular interactions that restrict 

relative movement between adjacent microfibrils, thereby resisting shear 

stress and limiting fibril slippage under mechanical load [17], [26]. In addition 

to these directional interactions, Van der Waals forces contribute significantly 

to the overall attachment by promoting close surface contact and cohesive 

attraction between polymer chains [27]. 

 

2.3. Applications 

Although hemicelluloses exhibit considerable potential, they are prone to 

degradation in traditional pulping operations, which hampers their practical 

exploitation and calls for advanced pre-extraction and modification methods 

to enhance their utilization in a biorefinery concept.[16]. Despite representing 

nearly 30% of plant biomass, they are frequently considered a waste material 

in a typical Kraft pulping process [28] where they are degraded into low-

molecular-weight fragments, which dissolve into the black liquor alongside 

lignin and are subsequently burned as a low-value fuel for energy recovery 

[16], [29]. Yet, the attractive poly-, oligo-, and monosaccharide structures 

contained in hemicelluloses present viable bio-substitutes for synthetic 

polymers across diverse applications [29] and demand, as such, refined 

extraction and modification protocols to harness their complete potential [29]. 

Moreover, due to their amorphous structure and reduced polymerization 

degree (relative to cellulose), hemicelluloses are, in general, more 

susceptible to chemical conversions than cellulose, which renders them 

suitable for an array of modification strategies [4]. In addition, their varied 

monosaccharide profile and branching motifs facilitate the synthesis of 

diverse functional biopolymers via chemical and enzymatic tailoring [30], [31]. 

These inherent characteristics and chemical adaptability position 

hemicelluloses as very promising substrates for conversion into bio-materials 

like hydrogels, films, and composites through chemical and biochemical 

modification routes [32]. These modifications (e.g., grafting of functional 

groups on the hemicellulose skeleton and/or side groups enzymatically or 

chemically) can, for instance, enhance their solubility, thermal resilience, and 
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mechanical performance, expanding their relevance in a broad range of 

material applications [30].  

 

2.4. Hemicellulose extraction 

Hemicellulose extraction has become an important aspect of biomass 

valorization, and a number of attempts have been made to develop and 

understand extraction techniques that could provide polymers with desirable 

purity, molar mass, and functional characteristics [22]. Traditional alkaline 

extraction remains one of the most widely applied approaches (primarily for 

the relatively alkaline stable xylan) because alkaline conditions efficiently 

dissolve hemicelluloses including also a partial cleavage of acetates and 

ester linkages to lignin, thus, liberating hemicelluloses from the lignocellulosic 

matrix [22], [30]. This method typically results in high yields and in some 

cases (xylan) only modest modification of the backbones, making them 

suitable for applications requiring larger molecular structures [21], [30]. 

However, under harsher conditions and especially in the case of 

glucomannans, alkaline conditions can alter the polymer structure, reduce 

branching by removing acetyl and uronic acid groups, or cause peeling 

reactions, which may reduce functionality for specific applications [20], [22], 

[32] Furthermore, alkaline extraction requires corrosion-resistant reactors 

and generates large volumes of chemical-rich effluent, posing challenges for 

both process design and environmental management [30], [32]. 

In contrast, hot-water extraction technique offers a more environmentally 

friendly route by avoiding harsh chemicals and relying primarily on 

hydrothermally driven conversion and solubilization under elevated 

temperatures and pressures [30]. Nevertheless, the increase of temperature 

to enhance solubilization can lead to partial depolymerization, dehydration 

reactions, and formation of degradation products such as furans and organic 

acids [3], [21]. This may compromise the molar mass  distribution and 

functional integrity of the extracted hemicelluloses [21], [30]. Moreover, 

although hydrothermal methods reduce chemical consumption, they often 

require high energy input for maintaining pressurized systems, which affects 

industrial scalability and overall process economics due to equipment and 

energy costs [30], [32]. 

Emerging solvent-based technologies such as organosolv extraction, ionic 

liquids, and deep eutectic solvents (DES) present promising alternatives by 

enabling tunable extraction conditions and high-purity recovery [30], [32]. 

These solvents can disrupt lignin–carbohydrate complexes effectively while 

preserving the structural features of hemicelluloses, often yielding polymers 

with functionality suitable for films, hydrogels, and chemical modification [30]. 

For example, hemicelluloses extracted by organosolv methods can possess 
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high purity, with a structure similar to native hemicellulose [30]. DESs are also 

noted for their environmental friendliness, ease of preparation, and ability to 

achieve high recovery rates and structural integrity during extractions [30]. 

Yet, these methods still face considerable economic and environmental 

barriers associated mainly with difficulties to recycle the employed solvents, 

but in some cases also connected to toxicity, flammability, solvent costs, etc., 

hindering commercial application [30]. 

Consequently, the selection of an extraction technique must consider not only 

the quality and properties of the recovered hemicellulose but also the energy 

demand, environmental footprint, and cost effectiveness [22]. In the context 

of modern biorefineries, an integrated approach that aligns extraction 

performance with sustainability is essential for advancing hemicellulose-

based materials [2]. 

 

2.5. Oxidation used for biomass valorization 

Oxidation processes play an important role in modifying the structural and 

chemical properties of lignocellulosic biomass, enabling improved 

accessibility, reactivity, and functionality of its main components [16], [30], 

[33]. 

Hydrogen peroxide is widely used as an oxidative and bleaching agent due 

to its ability to oxidize and solubilize lignin under alkaline conditions [4]. It can 

be employed in alkaline oxidation processes to extract hemicellulose from 

biomass, leading to high purity and recovery rates of hemicellulose with low 

lignin content [30]. When performed under mild acidic conditions, hydrogen 

peroxide oxidation can also target carbohydrates, increasing carbonyl group 

content (through a radical mechanism) [34]. When applied to pulp, this 

oxidation can lead to a reduction in the water retention value and a substantial 

increase in wet web tensile strength, probably due to intra- and inter-fiber 

crosslinking of the introduced carbonyls.  

TEMPO-mediated oxidation provides higher selectivity by converting primary 

hydroxyl groups of cellulose or hemicelluloses into aldehydes and 

carboxylates under mild conditions [16]. The introduction of carboxyl groups 

via TEMPO oxidation can increase solubility of hemicelluloses in water, which 

is critical for various applications [16]. The most famous use of TEMPO 

oxidation is, though, for selective surface carboxylation (charging) of cellulose 

microfibrils, promoting their disassembly into cellulose nanofibrils [35].  

Periodate has emerged as a powerful and versatile oxidizer for 

polysaccharides due to its ability to selectively target and cleave vicinal diols, 

present in wood polysaccharides [33], [36], [37]. During the reaction, 

periodate cleaves the carbon–carbon bond between C2 and C3 of the 

anhydro-sugar units, producing two aldehyde groups, a transformation known 
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as the Malaprade reaction (Figure 4) [33]. It is possible to influence the yield 

of dialdehyde formation by adjusting reaction parameters such as time, 

temperature, and periodate concentration [36]. This  allows for the modulation 

of the monosaccharide ring via cleavage of the diol structure and formation 

of aldehyde functionalities [38] which both helps disrupting hydrogen bonding 

networks and opens up for further conversions of the introduced aldehydes 

[33].  

 

 
 

Figure 4: Periodate oxidation of xylan, forming two aldehyde groups, a 

transformation known as the Malaprade reaction 

 

The resulting aldehydes can react with neighboring hydroxyl groups via intra- 

or intermolecular nucleophilic addition, forming cyclic or acyclic hemiacetal 

structures. Hemiacetal formation can occur within a single sugar unit, 

between adjacent residues along the same hemicellulose chain, or even 

between different polymer chains, potentially generating crosslinked 

networks [39]. More extensive oxidation can induce additional structural 

transformations. Double oxidation of susceptible sugar residues produces 

highly functionalized segments with multiple carbonyl groups, and 

intramolecular cleavage of already oxidized units may lead to rearranged 

carbohydrate fragments, which increases heterogeneity along the polymer 

backbone. Additionally, partial depolymerization can yield a mixture of 

oxidized oligo- and polysaccharides (with the introduced aldehydes partly 

further converted)  combined with low-molecular degradation products.. 

Overall, periodate oxidation produces a dynamic ensemble of structures, 

including dialdehydes, hydrated aldehydes, hemiacetals, double-oxidized 

residues, and fragmented units (Figure 5), which collectively redefine the 

chemical architecture and reactivity of the original polysaccharides [39]. 
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Figure 5: Periodate oxidation and its products and side products. Adaptation from 

[39]. 

 

2.6. Periodate use for extraction 

Previous studies indicate possible influence of periodate oxidation (Figure 6) 

on the mobility and conformational flexibility of the hemicellulose backbone, 

particularly in xylan-based structures due to the ring opening effect [36], [40]. 

The oxidation reaction disrupts the tight packing and intermolecular bonding 

that normally stabilize the polymer [36], [40]. This structural change is 

expected to increase the rotational freedom of the remaining chain segments 

that could lead to a more flexible and mobile backbone [36], [40] with 

enhanced solubility or swellability in aqueous media [36], [38].  
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From an extraction perspective, the increased mobility and higher affinity for 

water offer important advantages, such as being more easily solubilized or 

separated from the lignocellulosic matrix. This suggests that periodate 

oxidation could serve not only as a modification technique but also as a 

pretreatment step to facilitate hemicellulose recovery, opening opportunities 

for more energy-efficient and selective extraction processes [16], [30]. 

 

 
 

Figure 6: Schematic representation of softwood and hardwood after periodate 

oxidation (not to scale) 
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2.7. Modifications of the cell wall accessibility  

 

2.7.1. Callose introduction 

Compelling evidence establishes that cell wall architecture significantly 

governs accessibility of the cell wall polysaccharides to chemical reagents. 

The introduction of alternative polysaccharide structures, such as callose, into 

the plant cell wall of Arabidopsis thaliana has been shown to increase the 

distance between cellulose macrofibrils, thereby increasing porosity and 

potentially reducing biomass recalcitrance [41]. These architectural 

modifications substantially enhance the saccharification efficiency leading to 

sugar release increases of up to 53% for xylose and 25% for glucose 

andsignificant improvements in bioethanol production [41]. Such genetically 

induced enhancement of the cell wall accessibility suggests a potential to 

facilitate oxidative chemical modifications by improving reagent diffusion and 

substrate exposure, ultimately influencing processing kinetics, chemical 

consumption, and the properties of resulting material fractions. [41]. 

 

 
 

Figure 7: Schematic representation of the introduction of callose in the structure 

 

2.7.2. Peracetic acid and delignification 

Peracetic acid (PAA) treatment is an effective chemical method to selectively 

delignify lignocellulose, enhancing accessibility of carbohydrates in the cell 

wall (Figure 8) [7], [42]. As a powerful oxidizing agent, peracetic acid 

selectively attacks electron-rich lignin structures [43], [44] while preserving 

carbohydrates. It is particularly effective at cleaving βaryl-ether (β-O-4) 

linkages, which represent the most abundant interunit bonds in wood lignin 

polymer [7], [42], [44]. This oxidative cleavage significantly decreases the 

molar mass of lignin and introduces polar, oxygen-containing functional 

groups, specifically hydroxyl and carboxyl moieties (such as dicarboxylic 
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acids), thereby increasing lignin hydrophilicity and its subsequent solubility in 

aqueous media [7], [43], [44]. 

 

 
 

Figure 8: Schematic representation of the cell wall microstructure after PAA 

delignification 
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3. Materials and methods 

The methods and materials described below have been basis for the work 

performed in the paper I (Study I) and Manuscript II (Study II). 

 

3.1. Materials 

For Study I Wood chips of birch (B), a hardwood, and spruce (S), a softwood, 

obtained from industrially cut logs, were screened to be free of bark and 

knots. For both studies, wood was milled separately with a knife mill and 

sieved into particles passing a 1-mm mesh. 

 

For Study II, aspen biomass from two different wood sources was used: one 

wild (normal) wood and another genetically modified with 1% callose 

introduced into the structure [41]. The wood was milled to a powder state 

(1mm size). The samples were named as (A) aspen, (G) genetically modified, 

(W) wild aspen, (N) non-oxidized, (P) periodate oxidized, (L) lignified, and (D) 

delignified (Table 1).  

 

Table 1: Summary of aspen samples with regard to, lignin content, and oxidation 
treatments. 

Sample Code Description Oxidation Treatment Lignin Status 

AWNL Wilds  aspen None (water) Lignified 

AGNL 
Genetically modified 

aspen 
None (water) Lignified 

AGND 
Genetically modified 

aspen 
None (water) Delignified 

AWPL Wild aspen NaIO₄ oxidation Lignified 

AGPL 
Genetically modified 

aspen 
NaIO₄ oxidation Lignified 

AGPD 
Genetically modified 

aspen 
NaIO₄ oxidation Delignified 

 

Hydroxylamine hydrochloride (H2N-OH ·HCl), potassium Iodide (KI), sulfuric 

acid (H2SO4, 72%), sodium thiosulfate (Na2S2O3), sodium hydroxide (NaOH), 

and sodium borohydride (NaBH4), deuterium oxide (D₂O) were purchased 

from Sigma-Aldrich. NaIO₄ was purchased from ThermoScientific, and the 

ethylene glycol and dimethyl sulphoxide (DMSO) were purchased from VWR. 
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3.2. Delignification 

For Study II, holocellulose samples were prepared according to the 

experiments described by Kumar [45]. In short, delignification was carried out 

by PAA in beakers containing 5 % (w/w) of dry solids, for 48h. At the end of 

the process, the slurry was vacuum filtered in a glass microfiber filter 

(Whatman GF/A 55 mm, Cytiva) and washed with distilled water (4× the 

volume of the slurry). Next, the solid residue was washed with a 50:50 (v:v) 

mixture of ethanol and acetone (2× the volume of the slurry). Then, the 

material was dried in an oven (40 °C) for four days and stored at room 

temperature inside a desiccator. 

 

3.3. Sodium periodate oxidation 

Sodium periodate oxidation was performed using both batch and flow-through 

configurations, depending on the objective of the experiment. 

 

3.3.1. Oxidation as a function of time 

Birch biomass powder and NaIO₄ were mixed in a mass ratio of 1:2 

(NaIO₄:biomass) and suspended in deionized water at a solid-to-liquid ratio 

of 1:100 (w/v). The reaction was conducted in a 1-L reactor placed in a dark 

room to prevent light-induced side reactions with continuous stirring provided 

by a mechanical impeller to ensure homogeneous mixing. Aliquots of 70 mL 

were withdrawn from the reactor in time intervals of 2, 5, 10, 15, 20, 40, 60, 

120, 180, and 240 min. After each sampling, the removed volume was 

immediately replaced with an equal amount of deionized water to maintain a 

constant reaction volume. Each aliquot was subsequently divided into four 

portions: 10 mL for carbohydrate composition analysis, quenched with 

ethylene glycol; 20 mL for aldehyde content titration; 20 mL for residual 

periodate quantification; and 20 mL subjected to reduction with sodium 

borohydride (10:1 NaBH₄:NaIO₄ molar ratio) in a sodium phosphate buffer 

medium (pH between 6.8 and 8), followed by dialysis using a 0.5 kDa 

molecular weight cut-off membrane (Spectrum Laboratories, USA) at a 

sample-to-water ratio of 1:20. The dialyzed fraction was then used for yield 

determination and molar mass distribution analysis by gel permeation 

chromatography (GPC) and Fourier transformation infrared spectroscopy 

(FTIR) 

 

3.3.2. Oxidation as a function of oxidant charge 

NaIO₄ and birch or spruce biomass were combined at varying mass ratios of 

[0:1], [1:4], [1:2], and [1:1] and suspended in deionized water at a solid-to-
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liquid ratio of 1:100 (w/v). The mixtures were stirred continuously with a 

mechanical impeller for 1 h in a dark room to prevent light-induced side 

reactions. After the reaction period, each mixture was filtered using a 

Whatman® fiberglass microfilter to separate the solid and liquid phases. The 

solid residues retained on the filter were dried and subsequently analyzed for 

carbohydrate content and aldehyde and periodate content. GPC analyses 

were performed for NaIO₄-to-biomass mass ratios of 1:1, 1:2, and 1:4 to 

evaluate the molar mass distributions of the extracts under each oxidation 

condition. In contrast, Heteronuclear Single Quantum Correlation NMR 

(HSQC) analyses were conducted only for the [0:1] and [1:2] NaIO₄:birch 

mass ratios, which were selected as representative samples of the 

unoxidized reference and a moderately oxidized system, respectively. 

 

3.3.3. NAIO₄ oxidation through flow reactor 

Periodate oxidation was carried out in the laboratory developed flow-through 

reactor. A 1.0 wt% sodium periodate solution (1 g NaIO₄ in 100 mL water) 

was pumped through 2 g of dry biomass at a flow rate of 1.66 mL s⁻¹. The 

reactor effluent was collected in a container preloaded with ethylene glycol to 

immediately quench the reaction. Fractions were collected at time intervals of 

0–20, 20–40, and 40–60 min. From each aliquot, one portion was used for 

hydroxylamine hydrochloride (H₂N–OH·HCl) titration and carbohydrate 

analysis, another portion was freeze-dried for NMR and GPC analyses, and 

the remaining fraction was dialyzed, using a 0.5 kDa molecular weight cut-off 

membrane (Spectrum Laboratories, Rancho Rodriguez, USA), at a sample-

to-water ratio of 1:20. The dialysis water was exchanged five times. After 

dialysis, the samples were frozen and subsequently freeze-dried for 24 h. 

After the reaction, the residual solid biomass in the reactor was thoroughly 

washed with water and dried prior to further analysis. 

 

3.4. Determination of aldehyde content 

The aldehyde content was determined following a method adapted from Zhao 

and Hendel [46]. A 10-mL aliquot of the reaction liquor was diluted with 50 

mL of deionized water, followed by the addition of 1 mL of 1 M H₂N–OH·HCl 

solution. The mixture was stirred for 40 min to allow the formation of oximes. 

After the reaction, the liberated HCl(aq) was titrated with 0.05 M NaOH(aq) 

using an automatic titrator (Titroline 7000, SI Analytics, San Diego, CA, 

USA)). The titration endpoint was set at pH 4. 
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3.5. Measurement of periodate consumption 

The determination of residual periodate was performed based on the method 

described by Babor et al. [47]. A 10-mL aliquot of the reaction liquor was 

mixed with 1 mL of 1 M H₂SO₄ and 1 mL of 1 M KI, and the mixture was 

stirred for 1 h to allow a complete reaction (i.e. a complete consumption of 

the remaining periodate in the oxidation forming I2). The liberated iodine was 

then titrated with 0.1 M Na₂S₂O₃ using a manual burette. Titration continued 

until the solution turned colorless, indicating the endpoint. A starch solution 

was used as an indicator to enhance the visual detection of the endpoint. 

 

3.6. Carboxylic acid determination 

The method was adapted from a method to quantify carboxyl groups in pulp 

using an autotitrator equipped with a pH electrode [48]. An aliquot of 25 mL 

of the reaction liquor was used directly for titration under magnetic stirring 

(300 rpm). Residual periodate was quenched prior to analysis using ethylene 

glycol. The titration was performed with standardized 0.01 M NaOH, starting 

from an initial pH of approximately 4 and proceeding until the solution reached 

pH 8.30, corresponding to the phenolphthalein equivalence point, where all 

carboxyl groups were neutralized. The autotitrator (Titroline 7000, SI 

Analytics, San Diego, CA, USA) operated in dynamic dosing mode, 

automatically reducing the NaOH addition step size near the endpoint to 

ensure accurate pH stabilization.  

  

3.7. Yield 

To determine the extraction yield, 20 mL of each extracted liquor sample was 

collected and dialyzed using a 0.5 kDa molecular weight cut-off membrane 

(Spectrum Laboratories, Rancho Rodriguez, USA) at a sample-to-water ratio 

of 1:20. The dialysis water was exchanged five times. After dialysis, the 

samples were frozen and subsequently freeze-dried for 24 h. The yield was 

calculated using Eq. 1, where mf is the weight (g) of the container after freeze-

drying, m₀ is the initial container weight (g), Vt is the total reaction volume 

(mL), V is the aliquot volume (mL) subjected to freeze-drying, and mt is the 

total mass (g) of biomass used in the reaction. To account for residual 

oxidant, an additional titration was performed on 1 mg of the freeze-dried 

sample to determine any excess periodate that was not removed during 

dialysis. The measured amount of residual periodate was subtracted from the 

calculated yield. 

 

𝑌𝑖𝑒𝑙𝑑 (%)  =
(𝑚𝑓−𝑚0)×𝑉𝑡

𝑉×𝑚𝑡
           (1) 
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3.8. Fourier transformation infrared spectroscopy 

analysis 

For FTIR, 1 mg of each freeze-dried sample was homogenized with 120 mg 

of spectroscopic-grade KBr and pressed into pellets.  

For Study I, samples obtained under condition B [1:2] were oxidized for 20, 

40, and 60 min and analyzed by FTIR. To enable comparison with the NMR 

analysis of the 60 min samples (which were reduced with NaBH₄ to ensure 

solubility in D₂O; see the NMR sample preparation section below), these 

samples were also subjected to NaBH₄ reduction. After the oxidation, the 

reaction mixtures were filtered, and the filtrates were collected, adjusted in 

volume, concentrated, reduced with NaBH4 (the procedure described above), 

dialyzed, and subsequently freeze-dried.  

The solid residues remaining after extraction (wood) were thoroughly washed 

with deionized water, oven-dried at 50 °C, and finally freeze-dried. For 

comparison, an additional sample prepared under condition B [0:1] with a 

reaction time of 60 min was analyzed, along with untreated birch powder used 

as a reference material. 

The FTIR spectra were recorded in transmission mode using a Frontier FTIR 

spectrophotometer (PerkinElmer Frontier, Waltham, MA, USA) over the 

range of 4000 to 650 cm⁻¹, with a spectral resolution of 4 cm⁻¹. For each 

sample, 16 scans were collected and averaged to improve the signal-to-noise 

ratio. All measurements were performed at room temperature.  

 

3.9. Compositional analysis of obtained liquors and the 

solid residues 

3.9.1 Neutral sugar analysis 

The neutral sugar content of as well obtained extracts as residual solid 

material was determined by using high-performance anion-exchange 

chromatography with pulsed amperometric detection (HPAEC-PAD) as 

described below (Chromatography analysis of neutral sugars). For sample 

preparation from the extracts, 10 mL of the aliquots were mixed with ethylene 

glycol to quench the reaction. Acid hydrolysis was performed based in the 

procedure described by Sluiter [49] by adding 0.01 mL of 72% (w/w) H₂SO₄ 

to each sample, followed by autoclaving at 125 °C for 1 h. After cooling, 1.25 

mL of 0.2 M fucose was added as an internal standard, and the solution was 

diluted to a final volume of 25 mL. Prior to analysis, 2 mL of each sample was 

filtered through 0.2-μm PTFE filters.  

For sample preparation from the solid residues, 200 mg of the solid material 

(thoroughly washed after completed treatment) was subjected to total acid 
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hydrolysis following the procedure described above. Klason lignin content 

was determined gravimetrically measuring the solid residue after the total 

acid hydrolysis, following the procedure described by the National Renewable 

Energy Laboratory [49]. Carbohydrates were quantified analyzing the liquor 

fractions obtained after the total acid hydrolysis  by anion exchange 

chromatography with pulsed amperometric detection (HPAEC-PAD, Dionex 

ICS-5000, Thermo Fisher Scientific, Waltham, USA). The system was 

equipped with a gold reference electrode and Dionex CarboPac PA1 columns 

(a 2 × 50 mm2 guard column and a 2 × 250 mm2 analytical column). The 

elution (dual pump: 0.26 mL/min and 0.13 mL/min) took place at 30 °C for 25 

min using H2O/200 mM NaOH, followed by a washing step of 13 min using 

200 mM NaOH/200 mM NaOH + 170 mM sodium acetate. The injection 

volume was 10 μL. Data processing was performed using the Chromeleon 

software version 7.1. 

 

3.9.2 Carbonyl content in the pulp 

The total amount of carbonyl groups was determined using a method based 

on Zhao and Heindel [46] and described by Martinsson [34]. A never-dried 

pulp sample equivalent to 0.5 g of oven-dried pulp was dispersed in 100 mL 

of deionized water adjusted to a pH of 4. After 10 min, the suspension was 

filtered, and the sample was washed with 100 mL of deionized water at a pH 

of 4. The pulp was then transferred to a beaker containing 25 mL of 0.25 M 

hydroxylamine hydrochloride solution, also adjusted to pH 4. The mixture was 

placed on a shaking table for 2 h, after which it was filtered. The filtrate was 

titrated back to pH 4 using 0.01 M NaOH(aq). The pulp was subsequently 

washed with deionized water and dried in an oven at 105 °C for 24 h to 

determine the oven-dry mass. The total carbonyl content was calculated by 

determining the volume of the NaOH(aq) solution consumed during the 

titration, relative to the oven-dry weight of the pulp. 

 

3.10. Gel permeation chromatography 

For the Study I, after freez-drying, a solid sample of 1 mg for each studied 

condition was dissolved in DMSO overnight, diluted to 0.25 mg/mL, and 

filtered through a 0.2-μm filter. The molar mass distribution (MMD) of the 

samples was measured using gel permeation chromatography (PL-HPC 50 

Plus Integrated GPC system (Pl-GPC-50, Polymer Laboratories, Varian Inc., 

Agilent, Santa Clara, CA, USA). The system used two 300 × 7.5 mm2 

PolarGel-M columns and one 50 × 7.5 mm2 PolarGel-M guard column. 

Dimethyl sulfoxide (DMSO) with 10 mM LiBr was used as the mobile phase, 

and the flow rate was 0.5 mL/min at 50 °C. Detection was made using an RI 

detector. The detector was calibrated with 10 Pullulan standards ranging from 
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0.180 to 708 kDa (Varian PL2090-0100, Varian Inc., Agilent, Santa Clara, CA, 

USA).  

For Study II, after freezedrying the samples were prepares in a concentration 

of 10 mg/mL, and before injection, filtered (Acrodisc 13 mm syringe filter, 0.20 

µm Nylon). A Tosho TSKgel GMPWXL column (7.8 × 300 mm, 13 µm) with a 

Tosho guard column (PWXL, 6.0 × 40 mm, 12 µm) and an inline filter (0.05 

µm, Millipore VM) were used. The injection volume was 100 µL, and the flow 

rate was 0.5 mL/min. The HPLC system (Agilent 1260 Infinity II) included a 

degasser, quaternary pump, and autosampler. Detection was performed 

using an Optilab rEX refractive index detector. Data was analyzed with the 

ASTRA software (v7.3.2). 

 

3.11. Nuclear magnetic resonance spectroscopy 

Freeze-dried extract samples (10 mg) were dissolved in D₂O (0.30 mL) and 

analyzed by solution-state NMR spectroscopy. Spectra were recorded at 25 

°C on a 600 MHz Bruker Avance III HD spectrometer equipped with a 3 mm 

TXO cryoprobe (600 MHz for ¹H, 150 MHz for ¹³C). ¹H NMR spectra were 

acquired with 32 scans and a 1 s relaxation delay (Rheinstetten, Germany). 

HSQC spectra were recorded using pulse program  hsqcedetgpsisp2.3, with 

acquisition times of 96 ms and 6 ms, respectively. The free induced decay 

(FID) sizes were 3072 and 512 points, respectively. The experiment 

consisted of 16 scans with a 1 s relaxation time, resulting in an experimental 

time of 3 h and 48 min. Data analysis was performed in Bruker TopSpin 4.1.4 

software. 
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4. Results and discussion 

To present the results and discussion in a clear and structured manner, this 

section is divided into three subsections. The first subsection examines the 

influence of reaction time on periodate oxidation and the subsequent 

extraction efficiency. The second subsection evaluates the effect of different 

periodate-to-biomass ratios, focusing on how reagent concentration affects 

oxidation performance and extraction behavior. The third subsection 

discusses the role of lignin in the process and how its presence influences 

both the oxidation reaction and the extraction results. 

 

4.1. Oxidation effects on birch wood as a function of time 

The selection of concentrations of periodate used in this part of the work was 

based on a range of previously reported studies Chemin et al. [37] Amer et 

al. [40], along with results from the preliminary experiments, point out that the 

mass ratio of 1:2 (NaIO₄:biomass) is a suitable starting point for investigating 

the effect of oxidation time applied. The extracts obtained after specific 

oxidation times were investigated in terms of yield, chemical composition 

(non-oxidized carbohydrates, aldehyde, and carboxylic acid content), and 

structure (molar mass distribution and presence of NMR-detectable 

structures). To enhance solubility required for the structural investigations 

(NMR and GPC), part of the obtained material was reduced with NaBH4.  

During the periodate oxidation of birch wood, the consumption of periodate 

exhibits a rapid initial phase, with approximately 40% of the oxidant being 

consumed within the first 20 min, increasing to 70% after 240 min (Figure 9a). 

This partial and time-dependent consumption is consistent with the behavior 

reported by Chemin et al. [37] for xylan, where incomplete oxidation was 

observed. For pure xylan, this observation was tentatively attributed by 

Palasingh et al. [38], and Zhu et al. [50] to the formation of inter- and intra-

chain hemiacetal crosslinks, which can shield vicinal hydroxyls from further 

periodate attack, effectively “protecting” a portion of the polysaccharide from 

oxidation, as observed by Gomez et al. [51], Amer et al. [40], and Chemin et 

al. [37]. In wood material, on the other hand, both crosslinking reactions and 

the poor accessibility of the polysaccharide structures in general may 

contribute to a relatively slow consumption of the reagent. 

The yield of extracted material (Figure 9b) increases over time, reflecting 

partial solubilization. At the same time, the generation of aldehydes in this 

material (as quantified by hydroxylamine titration (Figure 9c)) rises rapidly 

within the first 5 min, corresponding to the early periodate consumption. This 

increase is likely due to the formation of dialdehyde units along the 
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hemicellulose backbone, which may enhance chain flexibility and solubility, 

as observed by Börjesson et al. [36], Nishiyama et al. [52], and Nypelö et al. 

[33], but can also be associated with depolymerizing side-reactions promoting 

solubility. However, after this initial increase, the aldehyde concentration 

declines despite the continued presence of periodate, likely due to the above-

mentioned crosslinking and accessibility issues hampering the oxidation 

and/or due to overoxidation to carboxylic acids as noted by Amer et al. [40], 

Pandeirada et al. [53], and Zhu et al. [50]. Indeed, as shown in Figure 9d, a 

progressive increase in carboxylic acid content could be observed during the 

oxidation of birch powder with NaIO₄ [54]. 

 

 
 

Figure 9: a) Periodate concentration (as % of total oxidizing liquor) during oxidation of 
birch, mass ratio 1:2 (NaIO₄: biomass) compared to the results obtained by Chemin 
M. et al.[37] ; b) yield of material extracted over the studied oxidation time; c) Aldehyde 
concentration detected in the extracted material (as % of the total dry mass over time 
compared to that obtained by Palasingh C. et al. [38]); and d) carboxylic acid amounts 
measured in extracted material over time for the same NaIO₄:biomass mass ratio. 

In line with the observed formation of aldehydes, compositional analysis of 

the extracts in relation to the yield of extracted material over time (Figure 10), 

points out a consistent carbohydrate conversion (most likely through 

oxidation) throughout the extraction process. Within the first 2 to 5 min, 

approximately 50% of the extracted carbohydrates were converted and 
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undetectable as monosugars, increasing to 90% of undetectable monosugars 

in 60 min extracts. Beyond 240 min, the concentration stabilized, with more 

than 7% of the carbohydrates detectable. Glucose and xylose, which 

represented 78% of the recovered carbohydrates after 2 min of extraction, 

were both consumed to approximately 90% after 60 min and 95% after 240 

min, respectively. Arabinose, which represented 12% of the recovered 

carbohydrates after 2 min of extraction, was consumed to 85% and 92% after 

180 min and 240 min, respectively. These findings align with the previously 

reported results on the conversion of hemicelluloses by periodate oxidation 

[53].  

Even though glucose typically accounts for no more than 5% of the 

hemicellulose fraction in birch [55], it constituted an important fraction of the 

extracted material, indicating a contribution from oxidative effects of periodate 

on cellulose. The latter can be associated with the mechanical milling the 

wood material was subjected to, increasing cellulose accessibility and 

susceptibility to oxidative and degrading chemistry of periodate [56], which 

(apart from a contribution from glucomannan and a probably minor presence 

of starch) could explain a significant presence of glucose in the extracts. 

 

 
 

Figure 10: Carbohydrate concentrations (%) in the dry material of the liquor extracts 
over time in a birch treated with a 1:2 (NaIO₄: biomass) mass ratio; total concentration 

of detected carbohydrates in the extracted material is shown in dark blue. 

 

Molar mass distributions (Figure 11) of the NaBH4-reduced extracts show a 

bimodal distribution with a distinct, relatively narrow low-molecular fraction 

(corresponding to oligomer structures of DP ~5 to 11) and a broader, less 

abundant higher molecular fraction. Interestingly, the former increases over 

oxidation time, retaining rather constant molar mass, accompanied by a 

simultaneous shift of the latter towards lower molar masses. This behavior is 
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consistent with the previously observed depolymerization during periodate 

oxidation [53], demonstrating that periodate oxidation generates distinct 

oligomers formed at branching positions within the polysaccharide. These 

branch-points inhibit continued cleavage, resulting in stable fragments of 

characteristic size. For birch wood xylan, Pandeirada et al. [53] observed 

release of oligomers of DP 2-20 even at room temperature, and Fliri et al. [57] 

confirmed that depolymerization begins early during periodate oxidation, 

even at low to moderate degrees of oxidation. Similarly, Chetouani et al. [58] 

reported formation of a low-molecular fraction during prolonged periodate 

oxidation of pectin. In our study, the biomass extracts comprised rather 

complex mixtures of oxidized poly- and oligosaccharides where the alkaline 

reduction associated with β-elimination during the NaBH4 reduction likely 

additionally affected molar mass of the extracted carbohydrates. Thus, while 

it is possible that the observed low molecular fraction indeed is characteristic 

of the main polysaccharide degrading during this treatment (possibly xylan, 

(Figure 10)), further investigations are required, particularly those focusing on 

revealing characteristic residual oligosaccharide from the periodate 

degradation of native xylan. 

 

 
 

Figure 11: Molar mass distribution of the extracted and reduced material obtained after 
different oxidation times (0 to 240 min) while treated with the ratio 1:2 
(NaIO₄:biomass). 

 Compared to the HSQC spectrum of the reference water-extract (Figure  

12a)(with no oxidation involved, sample B [0:1]), which displays resonances 



 

27 
 

characteristic of water-soluble polysaccharides and phenolic compounds. 

The HSQC spectrum of the periodate extract from the 1:2 (NaIO₄:biomass) 

(Figure 12b),  sample treated for 60 min shows a mixture of signals originating 

from oxidized and unoxidized carbohydrate structures. In addition to the 

above-mentioned signals of the unoxidized sugars, a distinct cross-peak at 

δH ~4.8 / δC ~90 ppm is attributed to hemiacetals [59] or anomeric-like 

carbons adjacent to C1 affected by oxidation [60], [61]. Weak resonances at 

δH 1.2 to 1.5 / δC 14 to 30 ppm indicate aliphatic methylene chains, which 

may originate from oxidative degradation products [60]. Additional peaks at 

δH 2.0 to 2.2 / δC ~20 ppm confirm the presence of acetyl substituents in 

birch xylan, demonstrating retention of O-acetylation following the oxidation 

treatment [18], although the extent to which the O-acetylation is preserved 

remains unclear. 

 

 
 

Figure 12: 1H-13C HQSC NMR spectra of birch for a) reference water-extracted sample 
for 60 min and b) periodate extracted sample after treatment for 60 min, 1:2 ratio 
(NaIO₄:biomass). Red and blue contours represent signals with positive and negative 

phases, respectively, corresponding to CH/CH₃ and CH₂ groups in the multiplicity-

edited HSQC experiment. 

 

The complementary FTIR analysis of the liquors obtained after birch oxidation 

and subsequent reduction (Figure 13a) reveals several characteristic bands 

associated with structural changes in the polysaccharide matrix [62] such as 

the band in the region1637 to 1650 cm⁻¹ corresponding mainly to the bending 

vibration of absorbed or bound water (H–O–H) and the contribution at 1610 

cm⁻¹ assigned to the asymmetric stretching of carboxylate groups (COO⁻). 

The persistence of the 1610 cm⁻¹ signal after NaBH₄ reduction indicates that 

carboxyl groups, formed during oxidative cleavage of polysaccharide chains, 

remain unaffected by the reducing agent, which selectively reduces 

aldehydes but not acids. In contrast, the absorption band at 1740 to 1750 cm-

1, indicative of hemicellulose acetates, could be observed only in the 
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reference (water) extract, probably as the acetates were hydrolyzed off during 

the NaBH4 reduction of the periodate extracted samples. In the solid residue 

(not subjected to the reduction), these bands could be observed both after 

water- and periodate-extraction (Figure 13b).  

In the 1430 to 1380 cm⁻¹ region, the observed bands are attributed to C–H 

stretching and bending modes of methylene groups (–CH₂–) [63]. Their 

increased relative intensity following reduction is consistent with the 

conversion of aldehyde groups to primary alcohols (–CH₂OH), confirming the 

reduction of dialdehyde intermediates. A diffuse band near 850 to 890 cm⁻¹ 

is assigned to C–C or C–O skeletal vibrations of the pyranose ring and to the 

presence of hemiacetal and hydrated forms, characteristic of periodate-

oxidized carbohydrates [64]. 

 

 
  

Figure 13: FTIR spectra of a) liquor samples extracted with only water (B[0:1]) and 
periodate (NaIO₄:biomass ratio 1:2) for different treatment times (0 to 60 min), 

followed by NaBH4 reduction; b) the remaining solid fractions. 

 

4.2. The impact of periodate concentration and type of 

biomass on the effects of oxidation/extraction 

To gain an insight in the impact of biomass and periodate charge on the 

outcome of extraction, birch and spruce were treated with varied periodate 
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concentrations for 1 h – the length of the treatment that would, according to 

the results showed above, allow for relatively high extraction yields and 

aldehyde generation (Figure 9b-c), while limiting the degradation reactions 

(Figure 11). In Figure 14a, the consumption of periodate after 60 min of 

oxidation of birch and spruce is presented for different periodate 

concentrations. In all cases, more than 50% of the oxidant was consumed 

within this period. As shown in Figure 14b, the extraction yield calculated 

relative to the initial biomass input increased with higher periodate dosages, 

indicating a positive correlation between oxidant loading and material 

extractability. Aldehyde formation and recovered yield are also reported in 

Figure 14b. 

 

 

 
 

Figure 14: a) Periodate consumption during oxidation of birch (B samples) and spruce 
(S samples) for different oxidant charges (NaIO₄:biomass mass ratios), b) Yield of 

material recovered for different oxidant charges. 

 

Although attributing the oxidation effects to individual monosugars is difficult 

in this work, Figure 15a indicates extracted monosugars resistant to periodate 

oxidation. Xylose in birch seems to be affected only to a relatively low extent 

by oxidation, as xylose levels in extracts only modestly vary with periodate 

concentration, even when comparing the water to periodate extraction. This 

is especially prominent when compared to the quite drastic decrease in 

glucose concentration as the periodate charge is increased. These very 

different behaviors might be explained by the relatively high level of 

acetylation of the birch xylan [65], preventing oxidation by blocking access to 

the vicinal alcohols (in C2 and C3). Glucose, on the other hand (in cellulose 

and glucomannan), is unsubstituted, allowing for more extensive oxidation 

through reaction of available vicinal alcohols [65]. The concentrations of both 



 

30 
 

monosugars decrease with increasing periodate loading, dropping from 37% 

to 12% and 7% at the B[1:2] ratio, and further to 5% and 3% at the B[1:1] 

ratio, respectively, when compared with the B[0:1] reference sample. 

In line with this, in spruce, where the hemicelluloses are primarily composed 

of galactoglucomannan (galactose, glucose, and mannose, with acetylation 

on mannose) and some xylan carrying 4-O-methylglucuronic acids (and no 

acetylation), lower amounts of unoxidized sugars could be detected, possibly 

indicating a higher degree of oxidation that might be associated with a higher 

content of unsubstituted hexoses (even though some positions in mannose 

are substituted by galactose or acetates) and pentoses (non-acetylated 

xylan) with available vicinal hydroxy groups. In these experiments, the degree 

of oxidation was varied by adjusting the sodium periodate to biomass mass 

ratio (S[1:2], S[1:1], and S[0:1]). After oxidation, the concentrations of 

hexoses were reduced to 6%, 8%, and 5% at the S[1:2] ratio, and to 4%, 3%, 

and 3% at the S[1:1] ratio, respectively, compared with the S[0:1] reference 

sample. 

Following the decreasing amounts of non-oxidized monosugars, the 

formation of aldehydes in extracts increases with the increasing periodate 

charge (Figure 15b). However, the aldehyde concentration does not 

consistently correlate with the decrease in monosugar content, particularly at 

higher periodate levels, where it declines despite the continued reduction in 

detectable monosugars, indicating ongoing oxidation. This behavior suggests 

that extensive oxidation promotes competing side reactions, including 

aldehyde degradation as reported by Pandeirada et al. [53], crosslinking 

reactions reducing their accessibility to the titrating agent [57], and 

overoxidation to carboxylic acids (Figure 9d), previously also observed by 

Zhu et al. [50]. Therefore, the measured aldehyde content may not increase 

proportionally with the periodate dosage or reaction time, as some aldehydes 

are lost or inaccessible.  

Carbohydrate composition of the residual solid material reflects these 

extraction trends, showing a decrease in carbohydrate content for both birch 

and spruce as periodate charge is increased (Figure 15c). 

Even aldehyde generation in the solid material follows the same trend (Figure 

15d), confirming that the oxidation affects not only the extracted materials but 

also the solid residue. These aldehydes arise both from the oxidation of 

exposed vicinal diols in the glucose units of cellulose and from modifications 

of hemicelluloses retained in the structure. Just as observed in the 

corresponding liquors, aldehyde content in the solid material increases up to 

the [1:2] NaIO₄:biomass ratio, after which a further increase in oxidant dosage 

results in a decline in measurable aldehyde concentration due to the above-

discussed side reactions leading to inaccessibility or removal of aldehydes. 

Moreover, the amount of detected Klason lignin in the solid residue increases 
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with increasing periodate charge (Figure 16), probably primarily indicative of 

the increasing introduction of oxidized groups to carbohydrates that during 

the total acid hydrolysis (involved in the Klason lignin determination) 

contribute to formation of condensed insoluble (crosslinked) structures 

detected in the solid Klason lignin fraction (pseudo lignin) [66], [67], and 

reported in previous studies in the field [37], [40], [50], [53]. 

Evidently, hemicellulose response to periodate oxidation differs between 

hardwoods and softwoods due to variations in hemicellulose structure and 

probably also cell wall architecture (which was not approached in this work). 

In birch, the dominant hemicellulose is a rather heavily acetylated O-acetyl-

4-O-methylglucuronoxylan (with on average 4 acetates per 10 xylose units 

[18]) with less vicinal diols accessible to periodate oxidation [20], [33]. In 

contrast, spruce hemicelluloses are primarily galactoglucomannans, which 

are comparably less substituted (with a typical Man:Glc:Gal ratio in Norway 

spruce being 3.5 to 4.5:1:0.5 to 1.1 and 2 to 3 acetates per 10 mannose units 

[19], [68]) and as such might offer a higher amount of vicinal diols available 

for oxidation [38].  

 

 
 

Figure 15: a) Recovered extracted carbohydrates as % of the dry total extracted 
material for different periodate: biomass mass ratios after 60 min, for birch and spruce; 
b) Aldehyde generation as % of the total dry mass of the liquor extracted; c) Amount 
of carbohydrates in solid material recovered after extraction as % of the total dry mass 
of detected carbohydrates for different periodate: biomass mass ratios after 60 min, 
for birch and spruce, total amount of extracted carbohydrates as % of the total dry 
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mass is shown in dark blue; d) Aldehyde concentration detected in the extracted 

material (as % of the analyzed dry pulp). 

 

 
 

Figure 16: Klason lignin concentration detected in the solid residue expressed as % 
of the dry content for different periodate charges after 60 min treatment, for birch 

and spruce biomass. 

 

The influence of the various periodate oxidation conditions on the MMD of 

polysaccharides was studied by GPC (Figure 17). All aliquots contained 

structures within a degree of polymerization in agreement with other studies 

[37], [53]. Also,  in agreement with Pandeirada et al. [53] and Fliri et al. [57], 

the increase in periodate concentration extends the depolymerization. 
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Figure 17: a) Influence of periodate concentration on molar mass of the extracted 
material  upon oxidation of birch, b) Influence of periodate concentration on molar 

mass of the extracted material upon oxidation of spruce for 60 min. 

 

4.3. Impact of cell wall accessibility  on the oxidative 

extraction 

In the work presented below, the effects of cell wall modification (through 

removal of lignin and/or introduction of a spacer between cellulose fibrils in 

aspen) on the outcome of periodate-mediated extraction have been 

investigated. Lignin removal has been carried out through the commonly used 

peracetic acid delignification [42], [69], while introduction of a spacer between 

cellulose macrofibrils has been accomplished through genetical modification 

of aspen [41] rendering interfibrillar introduction of callose reported to 

enhance porosity of the cell wall [41]. Both of these modifications of the cell 

wall accessibility were expected to enhance oxidative extractions from the 

cell wall. 

From Figure 18, it is evident that periodate oxidation significantly promotes 

extraction compared to water; however, neither lignification of the biomass 

nor spacing of cellulose macrofibrils appear to have a substantial effect on 

the overall extraction yield (at least for structures above 500 Da). A slightly 

higher yield is observed for the callose-rich delignified wood at early time 

points (0–20 and 20–40 min), although this effect is modest and not 

consistently pronounced. 

Samples obtained by the periodate-mediated extraction presented an initially 

relatively high yield, which further increased during the 20-to-40-minute 

extraction period. Between 40 and 60 minutes, the amount of extracted 

material drastically decreased in all cases. This might be partly attributed to 

the exhaustion of the extractable material, but is also likely a consequence of 

the extensive depolymerization induced by the oxidation process [33], [36], 
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[37] leading possibly to a significant extraction of undetectable low-molecular 

material (below 500 Da), which is removed during the dialysis purification. 

 

 

 

Figure 18: Figure 1: Recovered yield over 500Da in aliquots collected at 0–20, 20–40, 
and 40–60 min of the extraction. A = aspen; W = wild (normal)  aspen; G = genetically 

modified aspen; P = periodate oxidized; L = lignified; D = delignified. 

 

The extracted material is composed of both oxidized and non-oxidized 

structures, originating predominantly from wood carbohydrates. Non-oxidized 

carbohydrate content of the obtained extracts is shown in Figure 19. Water 

extracts from the lignified samples are very similar in their composition 

regardless of the callose-spacing (AWNL and AGNL) and contain mainly 

glucose. Similar behavior of these samples is observed even upon periodate 

oxidation, characterized by an increase in glucose release compared to water 

extraction.  

Interestingly, though, the employed delignification seems to provide access 

to xylan both for the water and periodate-mediated extraction, as all the 

extracts from delignified samples – whether extracted by pure water (AGND) 

or through periodate-mediated procedure (AGPD) - show a significantly 

higher carbohydrate recovery dominated by xylan compared to the lignified 

counterparts. Upon oxidation (AGPD), even higher extraction yield (and more 

xylose) is obtained, while simultaneously showing a lower galactose content 

compared with the water-extracted reference (AGND). 
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The increased amount of non-oxidized carbohydrates recovered from 

delignified material suggests that lignin plays an important role in anchoring 

hemicelluloses within the cell wall during the oxidation-mediated extraction,  

making it less accessible to periodate due to both covalent bonding with lignin 

and physical entrapment [7], [33]. For that reason, the PAA-delignification 

facilitates greater polysaccharide release by increasing the overall 

accessibility of the carbohydrate chains to the oxidant [7], [43], [69]. The PAA 

delignification is, namely, recognized for its efficient lignin removal by 

selectively targeting aromatic and benzylic structures, promoting the 

cleavage of aryl-ether bonds, reducing lignin molar mass, and introducing 

hydrophilic functional groups that enhance solubility [42], [70], [71]. 

Importantly, the benzylic α-carbon in lignin side chains is particularly 

susceptible to oxidative attack, and some lignin–carbohydrate complexes 

(LCCs) are suggested to be linked linked through this position [25]. As a 

result, oxidative cleavage at the α-position may contribute directly to the 

disruption of the LCC linkages. Moreover, sodium periodate oxidation also 

targets vicinal diols in carbohydrate structures adjacent to the same α-

position. This overlap in reactivity may further promote the cleavage of lignin–

hemicellulose linkages and facilitate the release of hemicellulose chains  

[25], [72]. Consequently, the PAA treatment partially disrupts lignin–xylan 

connectivity, increasing the exposure of glucuronoxylan without extensive 

depolymerization [7], [69], [73], [74]. This enhanced accessibility facilitates 

subsequent chemical modifications such as sodium periodate oxidation. 

However, the efficiency of periodate treatment is also intrinsically limited by 

structural features of glucuronoxylan. In hardwood xylans, acetyl 

substitutions at the C-2 and/or C-3 positions block the vicinal diols required 

for periodate oxidation [18], [75], restricting probably reactivity to deacetylated 

regions of the xylan backbone [61], [76]. 
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Figure 19: Concentration of recovered non-oxidized carbohydrates (mg/L) in 5 mL 
aliquots collected at 0–20, 20–40, and 40–60 min of the extraction. A = aspen; W = 
wild (normal) aspen; G = genetically modified aspen; N = water-treated; P = periodate 
oxidized; L = lignified; D = delignified. 

While the composition of the obtained extracts was strongly influenced by 

biomass lignification (with xylan being predominantly recovered from the 

delignified material), the content of detectable aldehydes remained 

surprisingly similar across samples with varying accessibility (Figure 20). This 

observation raises the question of how much of the total carbohydrate content 

is intrinsically available for aldehyde formation, independent of structural 

barriers/spacers such as lignin or callose. The periodate oxidation specifically 

targets free vicinal diols at the C2–C3 positions of xylopyranose units[57]. 

However, in native hardwood xylan, approximately 40–70% of these positions 

are blocked by O-acetyl substituents [75], leading to a heterogeneous and 

limited formation of dialdehyde functionalities [57], [77], as only the 

deacetylated regions are susceptible to oxidation [78]. In Figure 20, aldehyde 

generation has reproduced the behavior noted in Figure 9c, showing an initial 

increase in aldehyde formation followed by reaching a plateau despite the 

continued presence of periodate. This was likely due to the above-mentioned 

crosslinking (and the accompanying accessibility issues)  hampering the 

oxidation and/or due to overoxidation to carboxylic acids, as noted by Amer 

et al. [40], Pandeirada et al. [53], and Zhu et al.[50] 
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Figure 20: Aldehyde concentration (µmol/L) detected in aliquots collected at 0–20, 20–
40, and 40–60 minutes of the extraction. A = aspen; W = wild (normal)aspen; G = 
genetically modified aspen; P = periodate oxidized; L = lignified; D = delignified. 

 

Interestingly, while removal of lignin significantly affects the molar mass 

distribution of the structures extracted with pure water (e.g.the lignified 

samples generate water extracts in the range 1000-10000 Da shifting to 

significantly higher molar masses centered around 24 000 Da after 

delignification), the extracts obtained through periodate oxidation show very 

similar molar mass distributions regardless of the lignification/modification of 

the biomass (Figure 21). The former can be explained by increased exposure 

of water-soluble structures (predominantly hemicelluloses) to the aqueous 

environment upon lignin removal [73], including also substantial cleavage of 

linkages between hemicellulose and lignin [24], [78], [79], allowing  larger 

polymeric fragments to be released into solution [24], [73]. The latter (i.e. 

molar mass distributions obtained upon periodate oxidation), on the other 

hand, is strongly indicative of the degrading nature of periodate treatment and 

is in line with our previous findings. The periodate is known to cause a 

substantial decrease in the molar mass of polysaccharides, turning them 

often into soluble oligosaccharides, with the extent of depolymerization 
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increasing with higher oxidant ratios [40], [53], [80]. For instance, after 

exposure to periodate for 20 minutes, the lignified samples showed a 

substantial decrease in molar mass compared to corresponding water 

extracts, with all detected species being below 1500 Da. Yet, after the same 

extraction time (20 min), the extracts from the delignified samples still 

exhibited a small fraction with molar mass around 10 kDa. This suggests that 

the presence of lignin can limit hemicellulose dissolution during periodate 

oxidation. However, upon longer exposure, 40 to 60 minutes, all the 

recovered carbohydrate fractions decreased to molar mass below 1500 Da. 

 

 
 

Figure 21: Molar mass distribution (Mw, Da) of dissolved fractions collected at 0–20, 
20–40, and 40–60 min of the extraction. A = aspen; W = wild (normal) aspen; G = 
genetically modified aspen; N = water-treated; P = periodate oxidized; L = lignified; D 
= delignified. 

 

In Figure 22, the ¹H NMR spectrum of the aqueous extract obtained from 

lignified aspen biomass (AGNL) is dominated by broad carbohydrate 

resonances in the 3.0–5.5 ppm region, which corresponds to protons 

attached to oxygenated carbons in cellulose and hemicelluloses [40], [81], 

[82], with the anomeric protons (H-1) appearing [40], [82]between 4.4 and 5.2 

ppm for soluble oligosaccharides [40], [82]. 

In addition, peaks between 0–3 ppm are related to methyl aliphatic structures 

[60] (the peak at 2 ppm is indicative of the acetylated hemicellulose 

structures) [18], [83]. Peaks between 6 and 9 ppm are associated with 

aromatic protons, characteristic of lignin-derived structures solubilized during 

water extraction [84]. As expected, these signals strongly decrease upon 
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delignification [85], while the signals corresponding to anomeric protons (at 

approximately 4.4 ppm), and those around 3.6 and 3.55 ppm, attributed to C-

6 methylene protons suggests a higher presence of soluble carbohydrate 

fragments, after lignin removal [86]. The peaks related to the methyl signal 

near 2.0–2.2 ppm also increase, possibly resulting from the hemicellulose 

acetyl groups and/or the presence of acetic acid formed from PAA 

decomposition [87]. 

Finally, the appearance of a new peak around 8.1 ppm may be attributed to 

oxidized species formed during the PAA treatment, likely formic acid [88], [89] 

or other degradation products [90], consistent with the oxidative 

delignification conditions employed. 

 

 
 

Figure 22: ¹H NMR spectra of aqueous extracts acquired in D₂O for lignified (black) 

and delignified (red) samples. 
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Upon exposure of the lignified aspen biomass to NaIO₄ (AGPL), significant 

spectral changes were observed within the first 20 minutes (Figure 23): the 

broad carbohydrate resonances between 3.0 and 5.5 ppm decreased 

indicating rapid oxidation of vicinal diols in polysaccharides, [38], [40], [91], 

with the accompanying C-C bond cleavage and ring opening, generating 

dialdehyde structures and further inducing partial depolymerization [77]. 

Concurrently, new signals appear at approximately 5.0 ppm, 4.75 ppm, 3.5 

ppm, and most prominently at 8.3 ppm. The increase of signals around 5.0 

ppm likely reflects hemiacetal structures formed from oxidized carbohydrate 

fragments, while enhancement of signals near 3.5 ppm is consistent with 

protons adjacent to newly formed carbonyl groups in open-chain or partially 

oxidized sugar units [40]. The strong emergence of a signal at approximately 

8.3 ppm suggests the formation of oxidation products, most plausibly formic 

acid or formate, arising from secondary oxidative cleavage reactions [89], 

[92]. After 60 minutes of the reaction, the spectrum simplifies considerably, 

with only a few residual signals remaining between 3.5 and 3.7 ppm, a signal 

in the 4.75–4.85 ppm region (indicative of hydrated aldehyde structures)[59], 

and a very sharp and intense peak at 8.37 ppm. The disappearance of most 

carbohydrate resonances indicates extensive degradation of polysaccharide 

structures, leading either to highly oxidized species or to degradation 

products that dominate the spectrum. The persistence of signals at 3.5–3.7 

ppm and 4.75–4.85 ppm suggests the presence of remaining hydrated 

aldehyde functionalities and oxidized carbohydrate fragments, [40], [59]. The 

sharp peak at 8.37 ppm, which becomes dominant at longer reaction time, 

strongly indicates accumulation of formic acid or formate as a major final 

oxidation product [92]. Altogether, the spectral evolution from 20 to 60 

minutes demonstrates progression from initial dialdehyde formation to more 

extensive oxidative degradation, overoxidation of carbohydrate structures 

and accumulation of degradation carboxylic acid products in the aqueous 

phase. 
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Figure 23: ¹H NMR spectra of the obtained extracts acquired in D₂O for lignified 
samples treated with periodate for 0 – 20 (red), 40 – 60 min (black) and extracted 

with water for 0-20 min (blue, reference). 

 

Similar spectral behavior was observed also in the HSQC spectra: intense 

carbohydrate correlations observed in the aqueous extract from the lignified 

aspen biomass (anomeric cross-peaks at 4.4/100–105 ppm, ring protons at 

3.2–4.0/70–80 ppm and methylene protons at 3.6–3.9/60–65 ppm [93], [94]) 

were reduced upon sodium periodate oxidation already within 20 minutes and 

accompanied by the emergence of new cross-peaks diagnostic of hydrated 

aldehydes (4.7–4.85 ppm and 90–95 ppm) [95] and those attributed to 

degradation products, such as hydroxy acids (2.65 ppm/40–45 ppm); after 40 
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minutes of reaction time, the extensive oxidative transformation led to a near-

total disappearance of the original carbohydrate correlations, leaving the 

spectrum dominated by signals from oxidized structures and degradation 

products [95]. 

 

 
 

Figure 24: 1H,13C-HSQCNMR spectra of the obtained extracts acquired in D₂O for 

lignified samples. AGNL 0 – 20 min (reference) and AGPL 0 -20 and 20 – 40 mins 

 

Upon sodium periodate oxidation of delignified aspen biomass, the 1H NMR 

spectrum shows significant changes compared to the lignified material 

(Figure 25). Within the first 20 minutes, the delignified sample exhibits 

enhanced accessibility of cellulose and hemicellulose, resulting in a more 

pronounced formation of hydrated aldehyde (gem-diol) species compared to 

the lignified sample, observed as multiple peaks between 4.7 and 5.0 ppm 

arising from newly exposed vicinal diols. The peaks around 2.0–2.65 ppm, 

associated with acetyl groups, decrease due to oxidation. After 60 minutes, 

most carbohydrate resonances vanish, leaving residual signals between 3.2 

and 3.8 ppm attributed to oxidized carbohydrate fragments, along with a small 

peak at 2.65 ppm. These spectral features indicate that delignification 

increases the accessibility of polysaccharides to oxidation, generating a 

broader range of oxidized carbohydrate species and water-soluble 

byproducts. 
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Figure 25: ¹H NMR spectra of the obtained extracts acquired in D₂O for delignified 
samples treated with water from 0-20 min (blue) and for oxidized samples from 0 – 20 
(red) and 40 – 60 min (black). 

 

This is also in line with the spectral behavior observed in the HSQC spectra 

of delignified samples(Figure 26), showing predominantly carbohydrate 

correlations between 3-5/60–100 ppm and the H-C correlation in the region 

4.5-5.5/60-80 (related to hemiacetal groups [40]) when compared to lignified 

samples. Aromatic lignin correlations and methyl groups are more absent due 

to the delignification. Acetyl groups are more pronounced near 2.0–2.2 ppm, 

which may result from the presence of acetic acid formed from the PAA 

decomposition [87]. Upon the periodate treatment, these signals diminish 

significantly. 

 

 
Figure 26: 1H,13C-HSQCNMR spectra of the obtained extracts acquired in D₂O for 

delignified samples. AGND 0 – 20 min (reference) and AGPD 0 -20 and 20 – 40 mins.   



 

44 
 

5. Conclusions 

This work investigated sodium periodate oxidation as a strategy to facilitate 

the extraction of hemicellulose-derived structures from lignocellulosic 

biomass and to improve the understanding of structural factors governing this 

process. 

The results demonstrate that periodate oxidation can be applied directly to 

untreated biomass, significantly enhancing the solubilization of carbohydrate-

rich fractions without the need for extensive pretreatment. The oxidation 

process proceeds rapidly, with fast oxidant consumption and early formation 

of aldehyde functionalities within the carbohydrate structures. These 

aldehydes subsequently readily undergo secondary reactions such as 

hydration and hemiacetal crosslinking, while oxidative cleavage leads to 

depolymerization and decreases the molar mass of the solubilized structures. 

In addition to the soluble fractions, the solid residues were also chemically 

modified, as indicated by increased aldehyde content and pseudo-lignin 

formation during Klason lignin analysis. 

Increasing oxidant loading improved extraction efficiency but also promoted 

crosslinking, degradation, and overoxidation. These findings highlight the 

importance of optimizing oxidation conditions to balance extraction yield and 

chemical functionality. 

The influence of biomass structure was further evaluated by modifying cell 

wall accessibility using genetically modified aspen containing callose and 

selective delignification with peracetic acid. While neither lignin removal nor 

the introduction of callose spacers significantly affected overall extraction 

yields, lignin strongly influenced the composition of the extracted fractions. 

Extracts from lignified samples contained mainly glucose-based residues 

together with oxidized structures, whereas delignified samples produced 

extracts enriched in xylose-based carbohydrates. 

Despite improved accessibility, due to delignification, oxidation efficiency 

remained inherently limited. Aldehyde formation occurred mainly at early 

stages of the reaction, while prolonged oxidation led to further 

depolymerization. The extracts displayed similar molar mass distributions 

regardless of biomass modification, indicating that the extension of oxidation 

plays a dominant role in determining the final product characteristics. 

Overall, the results show that periodate oxidation can enable extraction and 

modification of hemicellulose-derived structures from wood biomass. 

However, the intrinsically degrading nature of the process largely governs 

extraction yield and molar mass of the extracts. Specifically, the observed 

decrease in molar mass alongside the formation of aldehyde functionalities 

highlights the trade-off between functionalization and polymer degradation. 
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These results contribute to a better understanding of the structure–reactivity 

relationships involved in oxidation-mediated biomass processing and support 

the development of improved strategies for hemicellulose valorization in 

future biorefineries. 
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